
ABSTRACT 

BURNHAM, CHRISTINA MADISON. "Drivers of Variation in the Gut Microbiome of 

Southern White Rhinoceros (Ceratotherium simum simum) Under Human Care.” (Under the 

direction of Dr. Shweta Trivedi and Dr. Kimberly Ange-van Heugten). 

 

As poaching incidence increases, wild populations of southern white rhinoceros 

(Ceratotherium simum simum) face an uncertain future. It is critical that reproductively healthy 

assurance populations be maintained under human care; however, many managed populations of 

southern white rhinoceros experience poor fertility and post-copulatory reproductive failure in 

contrast to the reproductive success of wild conspecifics. Gut microbiome and host health are 

inextricably linked, and reproductive outcomes in managed southern white rhinoceros may be 

mediated in part by their diet and gut microbial diversity. Given these considerations, 

understanding gut microbial dynamics within and between managed and wild populations may 

help improve conservation efforts. Freezing feces at -80°C is the gold standard for microbiome 

research; however, this practice is logistically impractical for microbiome fieldwork applications 

(e.g. sampling wild rhinoceros populations in situ). The objectives of this research were to 

characterize the taxonomic composition of the gut microbiome in the reproductively successful 

managed population of southern white rhinoceros (n = 10) at the NC Zoo, and to determine the 

effects of seasonality and age classes on microbial richness and community structure. We also 

evaluated the efficacy of three different fecal preservation methods over two timepoints (14 and 

230 days) for preserving microbial communities. Fecal samples were collected from each 

individual once per month from July through September in 2020 and January through March in 

2021. Samples were preserved via immediate freezing at -80◦C, PERFORMAbiome•GUT (PB) 

tubes, and 95% ethanol. Samples preserved in PB tubes and in 95% ethanol were stored at 

ambient temperature for a minimum of two weeks before processing to simulate field conditions. 



Microbial DNA was extracted from each sample and sequenced using the V3-V4 regions of the 

16S rRNA gene. Total operational taxonomic units (OTUs) as well as differential abundance of 

taxa and the overall alpha and beta diversity were examined. Initial results show that southern 

white rhinoceros managed at the NC Zoo are colonized by the following phyla: Firmicutes (55% 

relative abundance), Bacteroidetes (21%), Spirochetes (10%), Fibrobacteres (8%), 

Kiritimatiellaeota (2%), and Lentisphaerae (1%). There were significant differences (P<0.05) in 

alpha and beta diversity indices among individuals, age groups, and sampling months. Samples 

collected during cold weather months contained statistically distinct communities and higher 

species richness compared to warm weather months (PERMANOVA, P<0.05). The alpha 

diversity in 95% ethanol samples also differed from both the frozen and PB samples at both Day 

14 (P ≤ 0.001) and Day 230 (P<0.05). Ethanol Day 230 samples differed (P<0.05) from all other 

preservation methods and time points. Ethanol preserved a wider range of OTUs across samples, 

but with far greater variability and a lower median number of OTUs. Notably, observed bacterial 

community profiles remained consistent (i.e., statistically similar) between frozen and PB 

preservation methods across both time points. This indicates that samples stored at ambient 

temperatures in PB tubes perform similarly to those frozen immediately at -80◦C. Thus, PB tubes 

may be advantageous in microbiome fieldwork applications. Together, our results have 

important implications for experimental design and increased understanding of age and seasonal 

related microbial variation in southern white rhinoceros at the NC Zoo. 
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LITERATURE REVIEW 
 

CHAPTER 1: MAJOR DRIVERS OF GUT MICROBIAL DIVERSITY 

 

1.1 Microbiome Overview 

The microbiome can be defined as a microbial community occupying a given host or 

habitat, forming a dynamic micro-ecosystem with commensal, symbiotic, and pathogenic 

interactions (Lederberg & Mccray, 2001; Berg et al., 2020). The taxa present within a 

microbiome include members of the Prokaryote, Eubacteria and Archaea domains, as well as a 

suite of Eukaryotes including protozoa, fungi, and algae. Microbial interactions contribute to 

broader ecosystem functions, including host life processes; together, the host and its microbiome 

form a “holobiont” (Carthey et al., 2020). Studies of animal-associated microbiomes generally 

involve high biomass areas such as the gut and the oral cavity; the skin, genitals, nostrils, and 

even bodily fluids also contain microbial communities, but can be more difficult to examine due 

to contamination and other biases (Selway et al., 2020). While the microbiome of the oral cavity 

is the most well-studied microbiome in humans to-date due to ease of sampling, it is dwarfed in 

both size and diversity by the gut microbiome (Deo & Deshmukh, 2019).  

The gut microbiome mediates a variety of physiological functions in the host, including 

immune function, metabolism, and digestion (Flint et al., 2012; LeBlanc et al., 2013). 

Bidirectional interactions along the gut-lung, gut-brain, and gut-liver axes have all been recently 

described (Martin et al., 2018; Tripathi et al., 2018; Dang & Marsland, 2019). Gut microbes have 

been proposed to affect fertility levels and reproductive success in a variety of animal species 

including southern white rhinoceros (Ceratotherium simum simum) and zebrafish (Danio rerio) 

(Williams et al., 2019; Garrett & Uno, 2021). Abnormal changes to the gut microbiome leading 
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to a persistent imbalance in diversity and composition of gut communities can have downstream 

consequences; this imbalance, termed dysbiosis, is usually associated with decreased microbial 

taxonomic richness and potential increased occurrence of pathogenic species, which can result in 

a diseased state in the host (Lupp et al., 2007; Schippa et al., 2012; Winter et al., 2013).  

Phylogeny, the evolutionary history of the host, is one of most dominant drivers affecting 

animal gut microbiomes: indeed, many gut microbiomes are species-specific (Ochman et al., 2010; 

Nashida & Ochman, 2018; Youngblut et al., 2019). However, microbiomes vary widely among 

individuals, even within host species; this individual variance makes up the host’s microbial 

“cloud” (Montassier et al., 2018). Individual variation may be attributed to diet (Muegge et al., 

2011; David et al., 2014; McKenney et al., 2015), gut morphology (Gillman et al., 2020), feeding 

strategy (McKenney et al., 2018; Greene et al., 2020), age (Adriansjach et al., 2020; Janiak et al., 

2021), sex (Markle et al., 2013; Mshelia et al., 2018), geographic location (Yatsunenko et al., 

2012), health status (Lewis et al., 2015), and a variety of other factors.  

In mammals, family- and genus-level bacterial taxa are more associated with host lineage 

than diet, and closely related species tend to exhibit similar bacterial communities (Nishida & 

Ochman, 2018). Ley at al. (2008) found that the community compositions of individuals from 

many species, including Hamadryas baboons and humans, clustered together on distance 

matrices despite the individuals all living in different locations. Host phylogeny has been shown 

to dictate community membership but not the abundance of operational taxonomic units (OTU) 

(Youngblut et al., 2019).  

Establishment of an individual’s microbiome starts at birth: in mammals, infants receive 

microbes via vertical transmission from the vaginal canal of the mother (Dominguez-Bello et al., 

2010). Those born via cesarean section instead receive microbes from the skin during direct 
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contact (Dominguez-Bello et al., 2010). Infants also receive microbes from breast skin during 

suckling (Biagi et al., 2017). As an individual ages, their microbiome continues to develop 

toward a mature climax community via both diet and horizontal transfer from the environment 

(Dominguez-Bello et al., 2010; Hehemann et al., 2010; Hills et al., 2019). The mature 

microbiome remains relatively stable unless disturbed by lifestyle changes including major 

alterations to diet, usage of antibiotics and other drugs, excessive stress, and/or disease (Faith et 

al., 2013; Hills et al., 2019).  

 

1.2 Diet and Gut Morphology 

Diet is the single biggest driver of gut microbial variation among conspecifics and has a 

strong influence on the microbial species present (Scott et al., 2013; Voreades et al., 2014). The 

gut microbiome plays an important role in digestion (Scott et al., 2013), vitamin synthesis (Das 

et al., 2019), and the breakdown of toxins across the host’s lifespan (Kohl et al., 2014). Different 

species have evolved different gut morphologies to selectively favor microbial compositions and 

digestive processes that best compliment their feeding strategy. Mammalian herbivores in 

particular provide a compelling system for studying the dynamic relationship between hosts and 

gut microbes, as the mammalian genome naturally lacks genes that code for digestive enzymes 

needed to break down the complex polysaccharides that make up plant cell walls (e.g., cellulose) 

(Hehemann et al., 2010). These services are instead provided by the symbiotic gut microbiota 

that do possess those genes (Hehemann et al., 2010; El Kaoutari et al., 2013). Genes that gut 

microbes do not already possess can be obtained by horizontal transfer, which increases the 

diversity of dietary sources that can be utilized by the host (Hehemann et al., 2010). Symbiotic 

gut microbiota are also crucial for the degradation of secondary plant compounds including 
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toxins present in the diets of herbivorous species (Garcia-Amado et al., 2007; Amato et al., 2013; 

Amato et al., 2016; Borbón-García et al., 2017). Kohl et al. (2014) showed that the consumption 

of creosote toxins (e.g., oxalate) by desert woodrats (Neotoma lepida) altered community 

structure of the gut microbiome, leading to an increase in genes that code for enzymes that 

metabolize those toxins. Antibiotic treatment impeded woodrats’ ability to process oxalate, 

suggesting a direct link between the action of the gut microbiome and the digestion of toxic 

plants (Kohl et al., 2014; Kohl & Dearing, 2016).  

 Ruminants, a suborder of herbivorous ungulate mammals including cows, sheep, and 

deer, have evolved enlarged stomachs comprising four specialized compartments to facilitate 

fiber digestion and provide a practical study system in which to study the interaction between 

microbes and host digestion. The rumen is the first and largest stomach compartment and 

contains a multitude of microbes which ferment plant fiber mats rich in polysaccharides that are 

otherwise indigestible (Cholewińska et al., 2020). Shabat et al. (2016) showed that the 

microbiota present in cow rumens directly impact cows’ ability to extract energy from feed, and 

that the enrichment of certain microbial species (i.e., genus Megasphaera) increases digestive 

efficiency. 

Reese and Dunn (2018) found that animals with simple guts host lower microbial 

richness than foregut and hindgut fermenting herbivores. This effect was amplified with the 

inclusion of ruminant herbivores into their statistical analysis, after which herbivores possessed 

higher gut microbial diversity than either carnivores or omnivores. Gut retention time likely also 

has some bearing on this trend, as short retention times in simple tracts (like those found in 

carnivores and some omnivores) preferentially select for fast-growing microbial taxa, inherently 

decreasing microbial diversity (Reese & Dunn, 2018; McKenney et al., 2018). In contrast, 
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herbivores tend to have complex intestinal tracts with longer retention times, which support more 

diverse microbiomes to facilitate digestion of high fiber diets (McKenney et al., 2018). Whereas 

ruminants and other foregut fermenters achieve increased gut complexity and retention time with 

a compartmentalized stomach, hindgut fermenters (including the southern white rhinoceros) have 

instead evolved an enlarged cecum (i.e., pouch between the small and large intestines) and 

sacculated colon (Stevens & Hume, 1998). The presence of a cecum increases tract complexity, 

leading to an increase in retention time and microbial diversity in turn even in species with short 

intestinal tracts (McKenney et al., 2018). 

The host diet mediates the abundance of bacterial taxa present in the gut (Wu et al., 

2011). Several studies have documented the effects of “Western” diets on the human (De Filippo 

et al., 2010), rodent (McNamara et al., 2021), and non-human primate gut microbiomes (Amato 

et al., 2015; Clayton et al., 2016). Western diets are characterized by high levels of animal 

protein, saturated fat, refined grains, salt, and sugar; they are also associated with reduced fiber 

intake corresponding to reduced intake of fruits and vegetables (Statovci et al., 2017). 

Individuals who convert to a Western diet experience decreased gut microbial diversity and 

function (Wu et al., 2011). The Western diet generally favors members of the genus Bacteroides, 

which displace members of the plant fiber-digesting genus Prevotella (Arumugam et al., 2011).   

Diet also correlates to other microbiome drivers such as host age and seasonality. While 

mammalian infants receive their first inoculation of microbiota from their mother during 

parturition, nursing facilitates succession toward the climax community in adults. The 

mammalian infant microbiome is dominated by Bifidobacterium and, to a lesser extent, 

Bacteroides; the preferential colonization by these taxa is promoted by the oligosaccharides 

abundant in milk (Harmsen et al., 2000; Bezirtzoglou et al., 2011; McKenney et al., 2015; Lugli 
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et al., 2019). The introduction of solid foods quickly shifts the infant microbial profile towards 

that of the characteristic adult microbial profile, which stabilizes after weaning (Palmer et al., 

2007; Koenig et al., 2011; McKenney et al., 2015). McKenney et al. (2015) found that daily 

consumption of solid foods and subsequent weaning drove gut microbiome convergence within 

species.  

Changes in microbial richness and species abundance due to seasonality often 

corresponds to seasonal shifts in the availability of certain food items, among other factors. For 

example, Smits et al. (2017) found drastic seasonal microbial shifts Hadza hunter-gatherers in 

western Tanzania: 70% of the Bacteroidetes OTUs dropped below detectable limits during wet 

months, while 62% of Firmicutes OTUs disappeared at the start of the dry months. The majority 

of these species were restored during subsequent wet/dry seasons, a trend likely linked to diet as 

the Hadza people mainly consume meat during the dry season and berries and honey during the 

wet season (Smits et al., 2017). These seasonal distinctions in diet correspond to differential 

expression of carbohydrate active enzymes within the microbiome (Smits et al., 2017). Studies of 

wild red squirrels (Tamiasciurus hudsonicus), wood mice (Apodemus sylvaticus), ground 

squirrels (Ictidomys tridecemlineatus), giant pandas (Ailuropoda melanoleuca), and horses 

(Equus ferus caballus) all revealed similar seasonal shifts in microbial diversity driven by 

differences in diet availability (Carey et al., 2013; Maurice et al., 2015; Xue et al., 2015; Ren et 

al., 2017; Salem et al., 2018). In particular, Salem et al. (2018) found that horses, the domestic 

animal model for rhinoceros, experienced seasonal shifts in fecal microbial communities 

corresponding to alterations in grass availability and nutrition, sources of supplementary forage, 

and ambient weather conditions.  
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1.3 Health Status 

The gut microbiome and health status of the host are inextricably linked. Previous studies 

have shown significant associations between gut microbial composition and phenotypic 

expression of body mass index (BMI), glycemic status, waist-to-hip ratio, and fasting glucose 

levels in humans (Rothschild et al., 2018). Bidirectional interactions along the gut-lung, gut-

brain, and gut-liver axes have also been noted (Martin et al., 2018; Tripathi et al., 2018; Dang & 

Marsland, 2019). Gut microbiota have been shown to modulate the risk for several chronic 

diseases in humans including inflammatory bowel disease, celiac disease, type 2 diabetes, 

cardiovascular disease, colorectal cancer, and obesity (Schippa & Conte, 2014; Conlon & Bird, 

2015; Brennan & Garrett, 2016; Singh et al., 2017).  

The “optimal” state of the microbiome varies per individual but is generally characterized 

by a species- and age-specific composition of mostly non-pathogenic microbiota. These 

microbiota form a web of mutualistic relationships among themselves and with the host immune 

system, mediated by metabolic products, that culminates in a central beneficial microbiome 

ecosystem. Deviation from this state (i.e., dysbiosis) is usually associated with a diseased state. 

In dysbiotic systems, gut bacteria such as Escherichia coli and Shigella spp., which are often 

present in beneficial intestinal communities, can become pathogenic (i.e., pathobionts) and 

overwhelm and outcompete beneficial microbes; this leads to a net reduction in microbial 

diversity (Lupp et al., 2007; Schippa et al., 2012; Winter et al., 2013). Host responses to these 

pathobionts can further facilitate colonization by additional opportunistic pathogens. For 

example, immune responses such as inflammation negatively alter the intestinal nutritional 

environment for beneficial gut microbes and produce nitrate by-products that can be used as fuel 

by pathogenic species such as the Enterobacteriaceae family (Winter et al., 2013). In addition, 
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dysbiosis can affect drug metabolism and efficacy with the potential to prolong the diseased state 

(Clayton et al., 2009; Zaneveld et al., 2017). 

Several interventions for dysbiosis have been proposed, including the usage of probiotics, 

prebiotics, and fecal transplants. Probiotics are live microorganisms, usually Lactobacillus and 

Bifidobacterium species, which are administered to reinstitute beneficial intestinal microbes; 

these beneficial intestinal microbes decrease colonization of pathogenic microbes in turn by 

lowering gut pH (Williams, 2010). By comparison, prebiotic foods supply compounds (mainly 

oligosaccharides) that fuel and promote the growth of beneficial gut bacteria, thus serving as a 

dietary modulator of gut microbial composition (Manning & Gibson, 2004). Regardless of their 

benefits, studies have shown that the gut microbiome is resilient to quick changes; thus, long-

term usage of probiotics and prebiotics coupled with a change to a fiber-rich diet is 

recommended for those with dysbiotic systems (Gagliardi et al., 2018). Fecal microbiota 

transplantation (FMT) dramatically shifts the gut microbiome by administering fecal microbiota 

from a healthy donor, sparking the restoration of a stable and beneficial microbial composition. 

In humans, FMT has been used to treat severe diarrhea, Clostridium difficile infection, and 

Crohn's disease (Bakken et al., 2011; Zhang et al., 2013). Infant red kangaroos (Osphranter 

rufus) have also been treated for diarrheal illnesses using FMT with consistent success (Milliken, 

2019). FMT has been proposed not only as a disease treatment but also as a conservation tool 

that could potentially be used to restore species specific microbiomes in managed animals by 

transplanting beneficial, non-pathogenic microbiota from wild conspecifics (Guo et al., 2020). 

However, further research is necessary to understand the effects of FMT on a wide variety of 

species and disease states, as well as the effective “dosage” per species and body mass.  
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1.4 The Effects of Captivity on the Microbiome 

There are over 15,800 species of animals considered to be at high risk for extinction in 

the wild on the International Union for Conservation of Nature (IUCN) Red List as of 2021, and 

that number is ever-increasing due to climate change, habitat loss, and other anthropogenic 

effects (IUCN, 2021). As such, it is crucial that reproductively successful assurance populations 

of threatened wild animals be maintained in human care. One of the leading challenges in 

maintaining healthy managed populations of animals is producing a palatable, nutritionally 

balanced ex situ diet. It is both logistically and financially infeasible to replicate the wild diet of 

non-endemic animals, thus managed diets often lack the same variety and composition as wild 

diets (West et al., 2019). Previous comparisons of managed and wild gut microbiomes revealed 

that managed wildlife often have reduced microbial diversity in comparison to their wild 

conspecifics (Kong et al., 2014; Amato et al., 2016; Clayton et al., 2016; McKenzie et al., 2017; 

Metcalf et al., 2017; Gibson et al., 2019). There are many proposed explanations for this trend, 

including the lack of “natural” dietary diversity, relative sterility of the captive environment, lack 

of interaction with allospecifics, and the necessary usage of antibiotics to treat sick animals. 

There is, however, ample room for skepticism regarding the validity of many of these trends. 

Population sizes across many of these wild vs. managed comparative studies were low, as is the 

case with most studies involving rare and endangered animals. In addition, microbial diversity 

and community composition can vary with age, season of sampling, and managed facility. Due 

to these factors, the results of many microbiome studies based on populations in a single 

managed facility or wild population should not be extrapolated to the species as a whole. 

Regardless, it remains apparent that at least some species of animals face a decline of microbial 
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diversity under human management, and that decreased diversity can have implications for 

animal welfare.  

The microbiome has been shown to influence disease susceptibility and metabolic 

dysregulation in managed wildlife, as well as mediating the prevalence of gastrointestinal 

disorders (Amato et al., 2013; Wan et al., 2016; McKenzie et al., 2017). In addition, some gut 

microbes can become pathogenic in managed animals experiencing compromised immune 

systems due to stress or infection (Wan et al., 2016; Zhao et al., 2017; Xu et al., 2018). Dysbiosis 

of the microbiome has also been correlated to disease states in several managed species, 

including: cardiac disease in gorillas (Gorilla gorilla gorilla), respiratory infection in red-

crowned cranes (Grus japnoensis) and Yangtze finless porpoises (Neophocaena phocaenoides), 

and gastrointestinal illness in doucs (P. nemaeus) and cynomolgus macaques (Macaca 

fascicularis) (Xie et al., 2016; Wan et al., 2016; Amato et al., 2016; Krynak et al., 2017; Koo et 

al., 2020).  

Animal-associated microbiomes are often species-specific to their host, disseminating 

vertically between parents and progeny (Ferretti et al., 2018). While there is some horizontal 

uptake of microbial species from the environment, much of the host microbiome cannot exist 

independently from that host (Mushegian & Ebert, 2015). If these host-specific microbial species 

are lost due to some disturbance such as antibiotic usage, they cannot be regained via the 

environment and will not be passed to offspring. This effect is compounded in captivity, where 

limited population sizes and reproductive partners can lead to a generational loss of microbial 

diversity that is nearly impossible to reestablish (Sonnenburg & Sonnenburg, 2019). 

Loss of wild-type microbial diversity can lead to the loss of specific microbial species 

crucial in degrading certain plant toxins and fibers; while this may be of minimal consequence to 
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animals under human management fed easily digestible diets, it jeopardizes wild translocation or 

reintroduction attempts, especially for herbivores (McKenzie et al., 2017; West et al., 2019). In 

addition, released managed animals with dysbiotic microbiomes may be more susceptible to 

pathogens and disease in the wild, further harming reintroduction efforts and potentially having 

deleterious effects on wild conspecifics exposed to such individuals (Moeller et al., 2013; 

McKenzie et al., 2017). Despite this, managed animals translocated in situ will mostly re-acquire 

a wild-type microbiome and experience increased microbial diversity, if given enough time 

(Schmidt et al., 2019, Yao et al., 2019).  

Though most managed species experience a decline in microbial diversity in captivity, 

there are some exceptions. McKenzie et al. (2017) showed that some families of managed 

mammals (bovids, giraffes, aardvarks, and anteaters) tend to experience no change in bacterial 

diversity when compared to their wild counterparts. The same study revealed Rhinocerotidae to 

be unique as one of the few taxonomic families to actually experience an increase in microbial 

diversity in captivity. Nevertheless, the low sample size of 13 individuals (n=6 white rhinoceros; 

n=7 black rhinoceros (Diceros bicornis)) casts doubt on the validity of this finding (McKenzie et 

al., 2017). Other species with more diverse managed microbiomes include the Panama golden 

frog (Atelopus zeteki), red-crowned crane, and Japanese giant salamander (Andrias japonicus), 

though managed Panama golden frogs and red-crowned cranes hosted significantly different 

community compositions compared to their wild counterparts (Becker et al., 2014; Xie et al., 

2016; Bletz et al., 2017). We also cannot yet determine whether increased microbial diversity in 

managed populations might be beneficial or perhaps indicative of dysbiosis. Further research is 

necessary to both quantify whether these species truly have higher microbial diversity under 
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human management and to make more robust inferences as to why the trend is present and/or 

whether it has any clinical significance.  

 

1.5 Previous Research into Rhinoceros Microbiome 

Numerous studies have characterized the gut microbiomes for managed and wild 

members of the Rhinocerotidae family, including the southern white rhinoceros, black 

rhinoceros, Sumatran rhinoceros (Dicerorhinus sumatrensis) and greater one-horned rhinoceros 

(Rhinoceros unicornis) (Bian et al., 2013; Williams et al., 2019; Roth et al., 2019; Cersosimo et 

al., 2021). Roth et al. (2019) compared major taxa from all four rhinoceros species and found 

that Firmicutes (range; 66.3–51.0%) and Bacteroidetes (39.8–23.4%) were most abundant, 

followed by Verrucomicrobia (7.6–1.9%), Spirochetes (3.1–1.1%), Actinobacteria (1.04–0.03%), 

and Fibrobacteres (2.14–0.19%) (Roth et al., 2019). While the appearance of certain major taxa 

in managed southern white rhinoceros microbiomes was consistent across studies, the 

abundances and rankings of those taxa varied substantially despite all studies utilizing 16S rRNA 

sequencing of microbial DNA extracted from frozen samples. Cerososimo et al. (2021) and 

Williams et al. (2019) identified Bacteroidetes as the most common phyla (55%-41.6%) followed 

by Firmicutes (33%-29%), while Bian et al. (2013) and Roth et al. (2019) identified Firmicutes 

as the most common phyla (50%-44%), followed by Bacteroidetes (35%-27%). Lentisphaerae 

was also identified as a major phylum (>1% relative abundance) by both Bian et al. (2013) and 

Cersosimo et al. (2021), and Cersosimo et al. (2021) alone found a major abundance of 

Tenericutes (1.43%) among their population of three female southern white rhinoceros. 

Though all rhinoceros are herbivores, different rhinoceros species have different feeding 

strategies. While southern white rhinoceros are obligate grazers, the black, Sumatran, and Javan 
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rhinoceros (Rhinoceros sondaicus) are all browsers (Hutchins & Kreger, 2006). The greater one-

horned rhinoceros partakes in both feeding strategies depending on food availability and is thus 

difficult to categorize (Laurie, 1982). Due to the significant influence of diet on gut microbiome, 

one would expect the different species to cluster together in microbial composition by feeding 

strategy. There is some validity to this, as Sumatran and black rhinoceros had higher proportions 

of Bacteroidetes present than southern white and greater one-horned rhinoceros (Roth et al., 

2019). The black and Sumatran rhinoceros also had less microbial diversity than the other two 

species (Roth et al., 2019). These results supersede expected outcomes based on phylogeny, 

managed diet, and historic geographical range. Incidentally, there is correlation between those 

species prone to iron overload disorder and those that are not, though further research is 

necessary to assess if there is a mechanism behind this trend (Roth et al., 2019). There has also 

been no published investigation into the microbiomes of Javan rhinoceros, the most endangered 

and illusive of the five surviving rhinoceros species.  

Interestingly, the gut microbiome of an extinct woolly rhinoceros (Coelodonta 

antiquitatis) has been examined using intestinal samples preserved in the permafrost of Eastern 

Siberia (Mardanov et al., 2012). This female animal had a microbiome dominated by Firmicutes 

(68%), Proteobacteria (19.2%), Actinobacteria (5.7%), Saccharibacteria (4.3%), and 

Bacteroidetes (0.2%). Of the Firmicutes present, the most represented line was cellulolytic 

clostridia (Mardanov et al., 2012). No Ruminococcus species were found, though the occurrence 

of Ruminococcus is quite high in modern-day Rhinocerotidae (Mardanov et al., 2012; Bian et al., 

2013; Borah et al., 2019). Though Sumatran rhinoceros are the closest living relatives to woolly 

rhinoceros, there were not many microbial similarities present, especially with the domination of 

Proteobacteria and lack of Bacteroidetes in the woolly rhinoceros microbiome. Of the rhinoceros 
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species, only black rhinoceros microbiomes have been characterized with some abundance of 

Proteobacteria (Antwis et al., 2019, Gibson et al., 2019). Though intriguing, this study had 

numerous limitations including the sampling of only one animal and the indeterminate amount of 

time that passed between the death of the animal and its preservation in the ice. Consequently, no 

robust characterization of the woolly rhinoceros microbiome can be made without a larger 

sample size. 

Dedicated comparisons of managed and free-ranging rhinoceros microbiomes do not yet 

exist in the literature for any of the rhinoceros species except the black rhinoceros. Gibson et al. 

(2019) showed that the beta diversity of the microbiomes of managed black rhinoceros are 

significantly different than those of their wild counterparts, signifying distinct differences in 

microbial communities across the two populations (n=25; 17 wild vs 8 managed). Gibson et al. 

(2019) also revealed that managed black rhinoceros have more glycolysis and amino acid 

synthesis pathways compared to free-ranging rhinoceros, which is indicative of sub-optimal, 

glucose-rich nutrition.  

Historically, the human-managed breeding population of southern white rhinoceros had 

been robust thanks to the reproductive success of translocated wild females in human 

management, which accounted for the steep rise in population numbers during the last two 

decades. However, that robust breeding success has seen a precipitous decline in the past few 

decades as facilities have struggled with infertile animals and post-copulatory reproductive 

failure in generations subsequent to the founder females (Swaisgood et al., 2006). Many theories 

abound as to why this decline has happened, with some evidence pointing towards human-

formulated diets and hormonal imbalances including dietary estrogen levels being partially 

responsible (Tubbs et al., 2016; Williams et al., 2019). White rhinoceros fertility levels have 
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been shown to vary with both their fecal phytoestrogen profiles and the abundance of certain gut 

bacteria that metabolize those dietary phytoestrogens (Williams et al., 2019). Phytoestrogens are 

derived from plants and are especially prevalent in the nutrient-rich legume hay and soy/alfalfa-

based concentrates typical in formulated diets (Tubbs et al., 2016). Williams et al. (2019) 

suggested that reproductive outcomes in white rhinoceros may be linked to gut microbiota 

important for converting dietary phytoestrogens into their usable metabolites. Similar work has 

been performed with black rhinoceros. Antwis et al. (2019) showed that certain bacteria in black 

rhinoceros microbiomes are associated with the production of hormones necessary to achieve 

breeding success, including rare microbiota that may be difficult to assimilate into the human-

formulated diet. The Antwis et al. (2019) study also found significant differences in black 

rhinoceros gut microbial composition according to individual, facility, reproductive success, and 

phase of ovarian cycle.  
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CHAPTER 2: MICROBIOME METHODOLOGY 

 

Chapter 2.1 Challenges of Microbiome Research 

Analysis of the microbiome is still a relatively novel field and unique challenges arise 

depending on area of focus and study methodology. Methodological factors such as sample 

preservation and storage (Song et al., 2016), DNA extraction (Ferrand et al., 2014; Kennedy et 

al., 2014; Fiedorová et al., 2019), and bioinformatic analysis (McMurdie & Holmes, 2014) can 

all contribute to variation in microbial composition results. In addition, microbiomes vary widely 

across individuals due to age (Adriansjach et al., 2020; Janiak et al., 2021), sex (Markle et al., 

2013; Mshelia et al., 2018), diet (Muegge et al., 2011; David et al., 2014; McKenney et al., 

2015), geographic location (Yatsunenko et al., 2012), health status (Lewis et al., 2015), and 

ethnic background (Human Microbiome Project Consortium, 2012) among other factors. This 

individual variation makes it difficult to identify what constitutes a “normal” or core microbiome 

for each host. Likewise, positive and negative trends away from a proposed species core 

microbiome have questionable clinical relevance when the individual does not exhibit a diseased 

state. Studies performed within a single population in a single geographic region can likely not 

be extrapolated to the species as a whole. In addition, the composition of the microbiome and 

abundances of certain taxa does not correlate to the functional impact of those taxa in the host 

(DeLong & Pace, 2001). Microbial species present at <1% abundance are widely considered 

non-major taxa and yet may still contribute substantially to metabolite production and other 

physiological factors (Williams et al., 2019).  

It is estimated that the majority of gut microbiota have not been cultured, leaving gaps in 

understanding of species-level taxonomy (Hayashi et al., 2002; Steen et al., 2019; Lewis et al., 
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2021). As the majority of bacterial species are uncharacterized, the development of operational 

taxonomic units (OTUs) based off of reads became necessary to study microbial abundance 

(Bhat & Prabhu, 2017); a read is a sequence of base pairs (bp) corresponding to a DNA 

fragment. Microbial sequences are clustered into OTUs at an arbitrary read similarity level, 

canonically 95% similarity for genus and 97% for species (Bhat & Prabhu, 2017). OTUs can be 

assigned based on reference data available through Greengenes©, SILVA©, and other 

bioinformatic databases, or can be clustered de novo by pairwise sequence similarities. Wescott 

and Schloss (2015) argued that de novo assignment of sequences into OTUs was more optimal 

than using closed-references, however de novo OTU assignment is specific to that particular data 

set and dependent upon relative abundances of the sampled microbial community. As such, de 

novo OTUs sourced from two different data sets are not comparable (Callahan et al., 2017).   

A novel replacement for OTU-based microbial clustering came in the form of amplicon 

sequence variants (ASVs). ASVs are single DNA sequences that are identified prior to 

amplification, removing possible sequence errors introduced during amplification (Callahan et 

al., 2017). ASVs can be distinguished by one nucleotide and do not need similarity thresholds, 

making them more accurate to true taxonomy than OTUs (Callahan et al., 2017). ASVs and 

OTUs cannot be compared directly due to these differences, but the field is moving towards 

implementing ASVs as the new standard, leading to questions of validity in relating or 

combining results from previous studies utilizing OTU-based microbiome analysis.  

The study of the gut microbiome faces particular challenges. The fecal microbiome is 

commonly used as a proxy for host gut microbiome, as collection of fecal material is relatively 

non-invasive. However, recent research has proposed that feces is inadequate at representing all 

microbial taxa present in the contents and mucosa across the entirety of the gastrointestinal tract 
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(Donaldson et al., 2016; Tang et al., 2020). Intestinal biopsy is necessary to access those 

microbes but that level of invasive sampling is infeasible for all but the most extreme studies 

utilizing living hosts (i.e. human or wildlife-based studies). Thus, studies must continue to use 

fecal proxies until newer or more sensitive methods are devised. 

 

Chapter 2.2 Common Bioinformatic and Statistical Analyses  

Bioinformatic analysis of sequenced microbial DNA is commonly performed using R, 

RStudio, QIIME, and MOTHUR software. Other bioinformatic programs, such as the CLC 

Genomics Workbench, remove a degree of user error by analyzing sequence data using 

predetermined workflows, generating OTU abundance results, comparative plots, and heat maps. 

CLC is fully self-contained and is more user-intuitive than RStudio, though set workflows limit 

analytical freedom (e.g. rarefication levels are determined by the program and cannot be 

manually changed).  

Rarefaction is a normalization tool used in microbiome analysis to mitigate unequal 

sequencing effects and differences in read sizes by standardizing all reads to one fixed size. 

Sample libraries are subsampled randomly to a set threshold number of sequences, while samples 

containing fewer than the minimum coverage threshold are discarded from the dataset. While 

that size threshold is selected by the user (and may therefore be considered arbitrary), for 

microbiome work it commonly corresponds to the smallest sequencing depth >10,000 reads 

(imposed to encompass most sequences while minimizing decreases in data quality) (Navas-

Molina et al., 2013). In theory, rarefaction allows samples to be compared statistically without 

bias from differing sample sizes. Rarefaction has become controversial, however, as the 

omission of subsampled sequences introduces artificial variation and can reduce the amount of 
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OTUs recovered (McMurdie & Holmes, 2014). In addition, rarefaction inherently reduces the 

number of samples present, which can decrease the power of statistics depending on the number 

of samples retained.  

Alpha diversity indices include measures of richness (number of species present), 

Shannon diversity (the relative abundance of taxa, incorporating both richness and evenness), 

and Simpson’s index (which incorporates richness, evenness, and phylogenetic relatedness of 

taxa). The Shannon index takes into account rare species, making it very sensitive to small 

changes in diversity. By contrast, Simpson’s index is considered a “dominance” index as it gives 

greater weight to common species and is not affected by less abundant species. Chao1 is a 

common richness estimator, based on the concept that rare species can be used to infer an 

accurate lower bound of species richness (Chao & Chiu, 2016). Chao1 operates by assessing the 

number of “singletons” (the number of species with only one occurrence) and doubletons (the 

number of species with two occurrences) within a sample. While singletons (i.e. rare species) are 

still discovered in the sample, it can be assumed that more are likely present. When all species 

have been identified twice, there are likely no more undocumented species present within the 

sample, thus generating a lower bound of species richness. 

Tests of significance are needed to understand whether associations between groups and 

covariates are due to chance or due to legitimate differences. Kruskal-Wallis H tests and 

Wilcoxon rank-sum tests are often utilized for determining significant differences in alpha 

diversity indices. The Kruskal-Wallis H test is a nonparametric method useful for determining 

the presence or absence of significance (and the degree of that significance) between 

independent groups but does not identify exactly which groups differ nor by how much. For that 
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determination, the non-parametric Wilcoxon rank-sum (also known as Mann-Whitney U test) 

test is often employed (Xia et al., 2020).  

In contrast, beta diversity indices measure the dissimilarity and distances between 

microbial communities/groups. Without a reconstructed phylogenetic tree, the Bray-Curtis 

dissimilarity or Jaccard index are used to compare dissimilarity, while the Euclidean method is 

used to calculate distance. Bray-Curtis dissimilarity values quantify compositional dissimilarity 

between two groups based on the presence/absence and relative abundance of community 

membership. Calculated Bray-Curtis values range between 0 and 1, with 0 signifying no species 

dissimilarity between two groups (i.e. the sites are identical in species composition) and 1 

signifying complete species dissimilarity between two sites (i.e. the sites share no species). The 

Jaccard index operates similarly to Bray-Curtis but only uses presence/absence data, not 

abundance data. The Euclidean method calculates distance between data points and is used when 

variables are expected to have equal variance. However, Euclidean distance is inappropriate for 

community composition comparisons, as it does not take species identity into account. When a 

phylogenetic tree is present, UniFrac measures may be utilized. UniFrac (unweighted or 

weighted) distances are calculated by the fraction of phylogenetic tree branch length shared 

between communities. Unweighted UniFrac uses only the presence or absence of lineages, while 

weighted UniFrac measures give weight to branches based on the relative abundance of the taxa 

within the communities.  

Permutational multivariate analysis of variance (PERMANOVA) analyses are utilized to 

assess significance between communities using beta diversity measures (i.e. Jaccard, Bray-

Curtis, or Euclidean values). These measures can also be used to calculate distance matrices, 

which are then used to create ordination plots (e.g. NMDS or PCoA plots) for two-dimensional 
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visual comparison of community clustering, visualize differentially abundant taxa, and organize 

hierarchical community cladograms (Aagaard et al., 2014; Van Rensburg et al., 2015; Fourie et 

al., 2017). 

 

Chapter 2.3 Effects of Different Storage Techniques  

Proper sample preservation is paramount to ensuring accurate and reproducible results in 

microbiome research. Preservation is important for reducing changes to the original microbial 

community in the sample, which can confound downstream results and lead to less robust 

conclusions. Immediate freezing at -80°C is considered the gold standard for microbiome sample 

preservation, followed by freezing at -20°C (Flores et al., 2015; Loftfield et al., 2016; Song et al., 

2016). However, ultra-low freezing can be logistically difficult for home-based or field-based 

microbiome studies, thus the exploration of preservation methods with comparable performance 

at ambient temperature becomes necessary.  

As internal sampling is extremely invasive, fecal samples are used as a proxy to study gut 

microbiome (Moossavi et al., 2019). Studies have shown that fecal preservation method can 

affect gut microbial composition and diversity indices (Song et al., 2016; Loftfield et al., 2016; 

Wu et al., 2019). These preservation methods vary from sample immersion in various 

concentrations of ethanol to a multitude of commercially available preservatives and storage 

devices. The most prominently studied preservation methods include OMNIgene•GUT (DNA 

Genotek, Ottawa, Canada), Flinders Technology Associates (FTA) cards (Whatman plc, 

Maidstone, UK), 70-100% ethanol, and RNAlater (Thermo Fisher Scientific, Waltham, MA, 

USA). In addition, simple refrigeration at 4°C and storage at ambient temperature have been 

widely assessed (Carroll et al., 2012; Cardona et al., 2012; Tedjo et al., 2015; Choo et al., 2015; 
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Song et al., 2016; Horng et al., 2018). While refrigeration of unstabilized samples can be utilized 

for limited amounts of time (<72 hours) with small risks to microbial community composition, 

both methods are inappropriate for any long-term storage (Tedjo et al., 2015; Choo et al., 2015; 

Wu et al., 2019). 

Of the long-term preservation methods, OMNIgene•GUT and FTA cards have been 

reported to consistently perform most similarly to -80°C controls and technical replicates (Choo 

et al., 2015; Song et al., 2016; Wang et al., 2018). OMNIgene•GUT is a commercial, proprietary 

preservative and storage device and is meant to preserve fecal samples utilized for general gut 

microbial profile analysis. The main benefit to this device is that samples can be stabilized within 

the internal solution for 60 days at temperature fluctuations from -20°C to 50°C; this minimizes 

the chance for error during sample storage and transportation, especially for remote studies. 

While the device is designed to be user-friendly and optimizes sample collection for home-based 

microbiome studies, it can be cost prohibitive when compared to other preservation methods 

(DNA Genotek, 2019). OMNIgene•GUT is the predecessor of the novel 

PERFORMAbiome•GUT (DNA Genotek, Ottawa, Canada) product, which was formulated 

specifically for use in the preservation of feces for animal gut microbial profile analysis. 

PERFORMAbiome•GUT has relatively little published literature regarding its efficacy, but 

initial reports are promising; it has been validated for usage in dogs, cats, and horses internally 

by DNA Genotek, and has since been utilized for canine and pinniped microbiome studies (Lin 

et al., 2020; Steinmetz et al., 2021).  

FTA cards are cotton-based cellulose paper cards infused with chemicals that lyse cells, 

denature proteins, and prevent DNA from degrading upon contact. They are therefore capable of 

inhibiting microbial growth, leading to their usage as a sample stabilizer for microbiome studies 
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(Song et al., 2016; Wang et al., 2018). While originally developed for usage in preserving blood 

and cell samples, recent work has proven their efficacy in preserving feces (Song et al., 2016; 

Wang et al., 2018). Similarly to OMNIgene•GUT, an advantage of this method is long-term 

stabilization at ambient temperature. FTA cards are also one of the more cost-effective 

preservation methods listed here. However, FTA cards routinely recover greater diversity of 

microbiota after sequencing than other methods; this effect is possibly due to the chemical cell 

lysing inherent to the preservative (Hale et al., 2015; Song et al., 2016). Fortunately, this effect is 

systemic such that it is possible to identify and remove the artifacts from FTA card samples 

using statistical software (Song et al., 2016). Another drawback is that extracted DNA yields 

from FTA cards are typically low, though methods for repeated extraction of DNA from a 

previously-processed FTA-disk have been published (Stangegaard et al., 2011).  

RNAlater is a commercial preservation method that is used more generally to stabilize 

RNA in samples for further applications. The premise of RNAlater is that it can be used to store 

samples unfrozen, yet Choo et al. (2015) found that samples stored in RNAlater at ambient 

temperatures were subject to significant differences in Shannon diversity indices when compared 

to -80°C control samples. RNAlater also returned lower DNA extraction yields and decreased 

DNA purity (Choo et al., 2015). Manufacturer instructions stipulate that RNAlater was not 

designed for use at ambient temperatures for longer than 2 weeks, a timespan limitation later 

confirmed by Song et al. (2016). However, within this time frame RNAlater performs nearly as 

well as OMNIgene•GUT and FTA cards (Song et al., 2016). 

Ethanol is a valid preservative for feces as it penetrates cell membranes and deactivates 

DNases which effectively halts DNA degradation; this effect is expedited at higher 

concentrations (King & Porter, 2004; Song et al., 2016). Varying concentrations of ethanol have 
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been assessed for efficacy in fecal preservation, with 95% being the most effective and widely 

used. While Hale et al. (2015) found that 100% ethanol preserved the microbial community in 

spider monkey (Ateles geoffroyi) feces comparably to fresh samples, this concentration has not 

been extensively validated otherwise. Conversely, 70% ethanol has been consistently shown to 

be inadequate, with significant changes in microbial communities occurring over time similar to 

that which occurs in unstabilized samples (Song et al., 2016). The differences were also 

comparable to intra-individual and interspecies differences, further confirming its inadequacy 

(Song et al., 2016). Any concentration of ethanol under 95% is not recommended for fecal 

preservation in microbiome studies. Benefits of using ethanol include its low cost and easy 

acquisition, especially in comparison to the other preservation methods; it has also been 

validated for usage at ambient temperature for several weeks. One disadvantage to using ethanol 

is that samples stored in ethanol yielded consistently low concentrations of DNA after extraction 

(Vlčková et al., 2012; Hale et al., 2015; Song et al., 2016). To mitigate this, ethanol should be 

removed from samples prior to DNA extraction through the use of silica beads or through 

evaporation of the ethanol at temperatures below 60°C (Nsubuga et al., 2004; Nagy 2010). 

As stated above, multiple studies have reported high microbial community composition 

stability in samples collected with FTA cards, 95% ethanol, and OMNIgene•GUT stored at 

ambient temperature for several days to several weeks (Nechvatal et al., 2008; Loftfield et al., 

2016; Song et al., 2016; Wang et al., 2018). Furthermore, it has been shown that intra-individual 

variation has more bearing on gut microbial composition than the variation found between most 

storage methods. This is a consequence of individual diet, genetic background, age, sex, and 

other factors that all contribute holistically to microbial diversity. Choice of preservation 
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technique can thus be tailored to match research interests, sampling methodology, financial 

limitations, and travel logistics. 

 

Chapter 2.4 Effects of Different Extraction Methods 

There are a multitude of commercial DNA extraction kits available on the market for 

genomic research, and previous studies have shown that the extraction kit used will influence the 

end result gut microbial composition sequenced (Ferrand et al., 2014; Kennedy et al., 2014; 

Fiedorová et al., 2019). A previous study comparing the PowerFecal DNA kit (QIAGEN, 

Germantown, MD, USA) to other commercial kits, including the QIAamp Stool kit, has shown 

the PowerFecal kit to be successful in isolating the most OTUs, a measure of microbial richness, 

from porcine fecal samples (Muiños-Bühl et al., 2018). Muiños-Bühl et al. (2018) also found that 

the QIAamp Stool kit resulted in the highest yield of extracted DNA; however, the authors 

stipulate this is potentially due to contamination during DNA isolation. When assessing extracted 

DNA fragmentation with agarose gel electrophoresis, both the PowerFecal and Stool Mini kits 

showed unsmeared DNA bands with high molecular weights (Lim et al., 2018). Lim et al. (2018) 

also found that human fecal samples extracted with the PowerFecal kit had the highest degree of 

microbial alpha diversity between the three kits they tested.  

Gibson et al. (2019) compared wild black rhinoceros fecal samples processed with the 

QIAamp PowerFecal DNA kit to both wild and human-managed black rhinoceros fecal samples 

processed with ZymoBIOMICS DNA Miniprep extraction kit (Zymo Research, Irvine, CA, 

USA), due to constraints in regional kit availability. The study found that the Zymo kit produced 

more read results after mapped sequencing, although alpha diversity results remained 

comparable between the two kits (Gibson et al., 2019). However, the Zymo kit samples were 
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stored in Zymo DNA/RNA Shield preservation solution, which may have affected preservation 

of microbes and subsequent extraction results.  

Bead-beating of samples (the disruption of bacterial cell walls with small beads or 

minerals) is a crucial step for the recovery of higher DNA yields and integrity correlating to 

increased recovery of microbial taxa during analysis (Zhang et al., 2020). It is thus recommended 

that whichever extraction kit is selected for a microbiome study contains a bead-beating step in 

the procedure. 

 

Chapter 2.5 Common Microbial DNA Sequencing Methods  

There are three main types of DNA sequencing utilized for microbiome studies. These 

include Sanger sequencing, next-generation sequencing (NGS), and shotgun sequencing. Sanger 

sequencing involves the amplification of target DNA by PCR and the binding of a short primer 

next to the region of interest on a DNA strand. DNA polymerase extends the primer to make a 

complementary strand, stopping once it hits an altered, fluorescently labeled chain-terminating 

dideoxynucleotide. The extension products are separated by capillary electrophoresis, and a laser 

is shined through the capillary gel to excite the fluorescent dye tag on the DNA fragments. Each 

color corresponds to a specific nucleotide base, and software can identify the color wavelengths 

and correspond them to DNA sequences. Sanger sequencing is considered a long-read 

sequencing technology, as it produces DNA sequences between 700-1000 nucleotides long. It is 

optimal for small scale projects, where it is relatively fast and cost-effective compared to NGS 

methods and has lower error rates. However, Sanger sequencing can only sequence one DNA 

fragment at a time, making it not as time- or cost-effective for projects dealing with large 
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amounts of DNA. Detection sensitivity in Sanger sequencing is also low (15% - 20%), so that 

any mutant alleles or organisms below that threshold are not detected (Rohlin et al., 2009).  

There are many NGS platforms that differ by methodology, though NGS platforms as a 

whole differ from Sanger sequencing in distinct ways. NGS uses DNA templates which have 

been clonally amplified in vitro, and DNA sequences are determined by the addition of specific 

nucleotides as opposed to chain-termination. Lastly, DNA can be sequenced in a massive parallel 

method which allows for the reading of millions of sequences at once, making the technology 

“high-throughput”. The most commonly utilized NGS technique for microbiome work is 16S 

rRNA amplicon sequencing. The 16S ribosomal RNA (rRNA) gene is a highly conserved gene 

present in almost all bacteria; the function of this gene has not changed over time and it is large 

enough (~1,500 bp) to allow for bioinformatics (Janda & Abbott, 2007). The 16S gene consists 

of both conserved and hypervariable sections. Conserved sections allow for amplification by 

providing primer binding sites, while variable sections (V1-V9) allow for discrimination of 

different microbiota by species-specific sequences. Prior studies using 16S sequencing 

overwhelmingly sampled specific hypervariable regions instead of the entire gene, as each 

hypervariable region is between 30 – 90 bp long and can be sequenced without the exorbitant 

cost that sequencing of the entire ~1,500 bp gene can incur. However, sequencing costs are 

declining with advances in technology and recent literature has begun advocating for the 

sequencing of the entire gene to achieve optimal taxonomic resolution (Johnson et al., 2019).  

Lastly, shotgun sequencing is a metagenomic method whereby DNA from the entire 

microbial community is fragmented for sequencing. Each fragment (ranging from 2,000 – 20,000 

bp) contains nucleotide sequences that are assembled based on overlap via computer program. It 

is much faster than Sanger or NGS sequencing but requires an existing reference genome and 
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extensive computational power to produce results; these results sometimes contain errors that 

must be fixed using NGS or other sequencing methods (Bartram et al., 2011; Langille et al., 

2013: Clooney et al., 2016). Shotgun sequencing characterizes the entire microbial community 

and is better at identifying rare or less abundant taxa than 16S sequencing. It also allows for 

analysis of functional relationships between host and microbiota, a feature which 16S sequencing 

mostly lacked (Jovel et al., 2016).  

Each sequencing method has advantages and disadvantages, and broad biological patterns 

in community characterization are consistent across differing methods (Rausch et al., 2019). It is 

important for researchers to consider cost, research question, sample size, and resource 

availability when deciding which method to select. Given the rapidity of technological 

advancement in the field, what is common practice today will likely be outdated within the next 

several years.  
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CHAPTER 3: CURRENT RESEARCH PLAN 

 

3.1 Justification  

Due to the pervasiveness of microbial reciprocal interactions with host health, digestion, 

and physiology, it is imperative that we catalogue and understand the gut microbiome across 

species, especially for those that are imperiled. Wild populations of southern white rhinoceros 

are under constant attack from poachers looking to sell rhinoceros horn on the black market. As 

southern white rhinoceros population numbers have begun declining, they are considered near 

threatened by the International Union for Conservation of Nature (IUCN) (Emslie, 2020). 

Human management of southern white rhinoceros assurance populations becomes imperative, 

however these populations have historically faced infertility and post-reproductive failure 

(Swaisgood et al., 2006; Metrione & Eyres, 2014). As reproductive outcomes in southern white 

rhinoceros have been linked to the abundance of several microbial taxa, it’s important that we 

continue cataloguing the “core” microbiota of managed southern white rhinoceros populations 

(Williams et al., 2019). We also need to understand the microbial dynamics involved in variation 

between individuals.  

Literature has shown that human managed southern white rhinoceros and black 

rhinoceros experience increased diversity compared to their wild conspecifics, though small 

sample sizes (n=6 southern white rhinoceros, 3 managed and 3 wild; n=7 black rhinoceros, 6 

managed and 1 wild) and a limited sampling period cast doubt upon the findings (McKenzie et 

al., 2017). Even if the findings are valid, the implications of increased taxa diversity compared to 

previously published species baselines is unknown. In addition, many wild populations of 

southern white rhinoceros are reproductively successful where several managed populations are 
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not (Swaisgood et al., 2006; Tubbs et al., 2016). Thus, the need to research the microbiomes of 

both managed and wild southern white rhinoceros populations and devise how and why they 

differ is borne. Fieldwork to collect wild rhinoceros feces is necessitated, however proper 

preservation of fecal material and stabilization of the microbiota inside the sample becomes 

challenging under field conditions. The gold standard of feces preservation for microbiome 

studies is immediate freezing at -80°C, but is logistically difficult to achieve in situ (Wu et al., 

2010; Choo et al., 2015).  

We decided to compare the efficacy of 95% ethanol and commercial 

PERFORMAbiome•GUT (PB) tubes for preserving microbial diversity and community 

composition over time when compared to freezing at -80°C. The use of 95% ethanol for feces 

preservation has been extensively validated and is a relatively cheap alternative to freezing 

biological samples, but no previous studies have pushed its efficacy to our maximum of 230 days 

(Song et al., 2016; Wang et al., 2018). PB tubes were selected because they were novel and had 

traits that would lend well to microbiome fieldwork (i.e. the ability to stabilize fecal samples for 

60 days at temperature fluctuations from -20°C to 50°C). PB tubes have only been used in two 

other studies, both of which studied species (canines and pinnipeds) possessing simpler 

gastrointestinal tracts than the hindgut-fermenting herbivorous rhinoceros (Lin et al., 2020; 

Steinmetz et al., 2021). In addition, the predecessor product OMNIgene•GUT had seen great 

success in microbial preservation but was optimized for human microbiome studies.  

As for our methodology, we decided to use sequencing of the V3-V4 hypervariable 

region of the 16S rRNA gene to sequence microbial DNA in our samples as it has been 

extensively validated in the literature for use in microbiome metataxonomics. The V3-V4 region 

has been recommended for the profiling of microbial communities over other regions present 
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within the 16S gene (Rausch et al., 2019). Cost is an important consideration for any study, and 

16S sequencing was also the most cost-effective high throughput sequencing technique available 

locally for the number of samples provided. During bioinformatics, we opted to cluster bacterial 

taxa into OTUs as opposed to ASVs so that data would be more comparable to previously 

published literature. Lastly, we selected the Powerfecal Pro kit over other DNA extraction kits as 

it has been shown to be successful in isolating high degrees of alpha diversity compared to other 

kits and produces extracted DNA with high molecular weight and quality (Muiños-Bühl et al., 

2018; Lim et al., 2018). The Powerfecal Pro kit has also been previously validated with use in 

rhinoceros microbiome studies (Gibson et al., 2019). A similarly important factor was that the kit 

contained a bead-beating step, the usage of which has been shown to recover higher DNA yields 

and more microbial taxa during analysis (Zhang et al., 2020). 

 

3.2 Objectives 

The objectives of these studies were to: 

1) Characterize the taxonomic composition of the gut microbiome in a managed 

population of southern white rhinoceros (n=10) at the NC Zoo, Asheboro, NC, USA 

2) Assess the effects of seasonality and age classes on gut microbial community structure 

in managed southern white rhinoceros 

3) Compare the efficacy of different fecal preservation techniques (immediate freezing at 

-80°C, PERFORMAbiome™•GUT tubes, and 95% ethanol) for preserving fecal samples 

from southern white rhinoceros 

4) Test the limitations of those preservation methods (immediate freezing at -80°C, 

PERFORMAbiome™•GUT tubes, and 95% ethanol) for 14 days and 230 days 
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3.3 Hypotheses 

Specifically, we tested the following hypotheses: 

1. The NC Zoo population of rhinoceros would display individual, age and seasonal 

differences in microbiome alpha and beta diversity, as measured by Shannon index, 

Simpson’s index, and Bray-Curtis dissimilarity 

2. Of the four age-classes present, the geriatric individual would display the largest 

deviations in species diversity and community composition due to treatment of arthritis 

with medication 

3. Feces collected during warm weather months would contain higher microbial species 

diversity and possess a different community composition compared to cold weather 

months, due to increased outdoor access and availability of grasses during the summer 

4. Ethanol and PB samples would perform similarly to -80°C controls in preserving 

microbial richness and community composition in fecal samples over a 14-day period 

5. Microbial richness and community composition for PB samples would be altered 

between 14 and 230 days of storage at ambient temperature due to degradation of both 

preservative solution and sample, and subsequent changes in the observed microbial 

community profile 
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MANUSCRIPT 1: EFFECTS OF SEASONALITY AND AGE ON MANAGED 

SOUTHERN WHITE RHINOCEROS (CERATOTHERIUM SIMUM SIMUM) GUT 

MICROBIOME 

 

4.1 Introduction 

The southern white rhinoceros (Ceratotherium simum simum) is a large grazing herbivore 

that utilizes microbial interactions in the hindgut to facilitate the fermentation of complex plant 

carbohydrates (Bian et al., 2013). These rhinoceros are a bastion of conservation success stories, 

having been restored from fewer than 100 individuals at the start of the 20th century to over 

18,000 by last estimation in 2017 (Emslie, 2020). Unfortunately, the wild population of southern 

white rhinoceros is once again declining due to a substantial increase in poaching and is 

considered near threatened by the International Union for Conservation of Nature (IUCN, 2021) 

(Emslie, 2020). Due to the uncertain future of southern white rhinoceros in the wild, it is critical 

that healthy assurance populations be maintained under human management. However, managed 

populations of southern white rhinoceros have historically experienced poor fertility and post-

copulatory reproductive failure, with females born under human management being especially 

subfertile (Swaisgood et al., 2006; Tubbs et al., 2016). One proposed explanation for this trend is 

diet, specifically the increased levels of phytoestrogens in managed compared to wild diets, 

which have been negatively correlated to female southern white rhinoceros fertility (Tubbs et al., 

2016). Some researchers suggest that gut microbiota may affect reproductive outcomes by 

metabolizing these phytoestrogens (Williams et al., 2019). Beyond digestion and metabolism, the 

gut microbiome also mediates host immunity and so has wide implications for host health 

(Shreiner et al., 2008; Kinross et al., 2011; Singh et al., 2017). Given these considerations, 
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understanding gut microbial dynamics is crucial for the continued conservation and population 

management of southern white rhinoceros and other threatened species (McKenzie et al., 2017; 

Carthey et al., 2020).  

Some managed animal species have been noted to experience a decrease in microbial 

richness and diversity when compared to wild conspecifics (Amato et al., 2016; Clayton et al., 

2016; McKenzie et al., 2017; Gibson et al., 2019). This may be attributed to a variety of causes, 

including sterile housing conditions, the usage of antibiotics and other medications, lack of 

interaction with allospecifics, and lack of dietary diversity comparable to wild diet. Interestingly, 

previous studies have shown that Rhinocerotidae are one of the few families to experience 

increased microbial diversity under human management compared to their wild conspecifics, 

although the results of this study are questionable due to a small sample size (n=6 southern white 

rhinoceros, 3 managed and 3 wild; n=7 black rhinoceros, 6 managed and 1 wild) and limited 

sampling period (McKenzie et al., 2017). Other comparisons of managed vs wild animal gut 

microbiomes are similarly hampered by small sample sizes and few sampling periods, thus 

further research is necessary to confirm the legitimacy of microbial diversity declines in 

managed species.  

Gut microbiomes differ widely across individuals and microbial community composition 

can be affected by the gut morphology (Gillman et al., 2020), feeding strategy (McKenney et al., 

2017; Greene et al., 2020), age (Adriansjach et al., 2020; Janiak et al., 2021), sex (Markle et al., 

2013; Mshelia et al., 2018), health status (Lewis et al., 2015), and geographic location 

(Yatsunenko et al., 2012) of the host, among other factors. The mammalian gut microbiome has 

also been shown to vary by season, with previous studies revealing marked seasonal changes in 

the community composition in the tracts of humans, red squirrels (Tamiasciurus hudsonicus), 
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wood mice (Apodemus sylvaticus), ground squirrels (Ictidomys tridecemlineatus), giant pandas 

(Ailuropoda melanoleuca), and horses (Equus ferus caballus) (Carey et al., 2013; Xue et al., 

2015; Maurice et al., 2015; Smits et al., 2017; Ren et al., 2017; Salem et al., 2018). Horses have 

been used as the domestic animal model for managed rhinoceros species due to similarities in gut 

morphology and hindgut microbial fermentation (Miller & Buss, 2003).  

Several researchers have attempted to characterize the gut microbiome of southern white 

rhinoceros (Bian et al., 2013; Williams et al., 2019; Roth et al., 2019; Cersosimo et al., 2021), 

though none have investigated differences in microbial composition due to season or age. The 

objectives of this research are two-fold: 1) to characterize the taxonomic composition of the gut 

microbiome in a managed population of southern white rhinoceros at the NC Zoo; and 2) to 

determine the effects of seasonality and age on gut microbial community structure in managed 

southern white rhinoceros. Driven by previous research into mammalian microbiomes, we 

hypothesized the NC Zoo population of rhinoceros would display individual, age and seasonal 

differences in microbiome alpha and beta diversity, as measured by Shannon index, Simpson’s 

index, and Bray-Curtis dissimilarity. We expected that of the four age classes present, the 

geriatric individual would display the largest deviations in species diversity and community 

composition due to both age and treatment of arthritis with medication. We also expected that 

feces collected during warm weather months would contain higher microbial species diversity 

and possess a different community composition compared to cold weather months, due to 

increased outdoor access and availability of grasses during the summer.  
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4.2 Methods 

Sample population 

Fecal samples were collected from a population of 10 southern white rhinoceros (9 

females, 1 male) managed at the North Carolina Zoo in Asheboro, NC. Age classes for southern 

white rhinoceros in this study were assigned based on a previously published age classification 

system that includes subadult (3.5 - 7 years old) and adult (8+ years) classes (Emslie et al., 

1995). For the purposes of this study, a modified juvenile class (<3.5 years old) was added which 

combined four separate classes of young rhinoceros between 0 and 3.5 years of age. In addition, 

a novel geriatric ( >40 years old) age class was added. Three of the adult female rhinoceros and 

the geriatric female were wild-caught over twenty years prior to this study; all other individuals 

were born in captivity. The sex, age group, and origin of each individual are summarized in 

Table 1. For housing purposes, the NC Zoo population of rhinoceros was split into two major 

subgroups and two ungrouped individuals during the course of this study. One group consisted of 

four nonreproductive females (F1, F3, S1, S2), while the other consisted of the two mother-calf 

pairs (F2, J1, F4, J2). The two ungrouped individuals were the male individual (M1) and the 

geriatric female (G1). All animals were free from antibiotics, though G1 received 

phenylbutazone to treat inflammation from arthritis during the course of this study. 
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Table 1. Summary of individual characteristics of southern white rhinoceros 
(Ceratotherium simum simum) at the North Carolina Zoo (n=10). 

Individual 
Age 

(Years) Sex Class Origin 
J1 1 Female Juvenile Zoo 

J2 1 Female Juvenile Zoo 

S1 3 Female Sub-adult Zoo 

S2 3 Female Sub-adult Zoo 

F1 15 Female Adult Zoo 

F2 24* Female Adult Wild 

F3 29 Female Adult Wild 

F4 33* Female Adult Wild 

G1 53* Female Geriatric Wild 

M1 32 Male Adult Zoo 

*Estimated age due to animals being wild-caught individuals. 

 

Diets 

Animal diets were standardized but varied by season and age. Year-round, the subadult 

and adult rhinoceros were provided with 1.36 kgs of Mazuri® Wild Herbivore Diet Hi-Fiber (St. 

Louis, MO, USA) pellet daily, while the calves were offered 0.68 kgs of Wild Herbivore pellet 

diet daily. During the summer, when the rhinoceros had access to outdoor paddocks with grass 

for grazing, the animals consumed around one supplementary quarter of a bale of timothy hay 

(Phleum pretense) each.  During the winter, sub-adult and adult rhinoceros received roughly one 

bale of timothy hay per animal daily. Rhinoceros also had access to the 16-hectare Watani 

Grasslands habitat during the winter, where fescue (Festuca arundinacea), annual ryegrass 

(Lolium multiflorum), and Bermuda (Cynodon dactylon) grasses were available. Timothy cubes, 

orchard grass (Dactylis glomerate), and alfalfa hay (Medicago sativa) are all offered in rotation 

for training and enrichment; these supplementary feeds were used in less than 20% of their daily 

diet. The geriatric female rhinoceros received a slightly different diet than the main population 

for welfare purposes, consuming 5.44 kgs of Wild Herbivore feed and one half of a 

timothy/orchard grass mixed bale each day. Rhinoceros G1 also had access to outdoor grazing 
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areas and was provided with timothy hay cubes and alfalfa hay for training and enrichment. 

Managed diets have been summarized in Table 2. 

 

Table 2. Summary of managed diets for n=10 southern white rhinoceros (Ceratotherium 
simum simum) at the North Carolina Zoo1. 
 Summer Daily Diet (kg) Winter Daily Diet (kg) 

Age Class 

Mazuri® 

WH2 Hi-
Fiber 
Pellet 

Timothy 
Hay 

T/O3 
Mixed 
Hay 

Mazuri® 
WH2 Hi-

Fiber 
Pellet 

Timothy 
Hay 

T/O3 Mixed 
Hay 

Juvenile 0.68 - - 0.68 - - 

Subadult 1.36 4.5 - 1.36 18 - 

Adult 1.36 4.5 - 1.36 18 - 

Geriatric 5.44 - 11 5.44 - 11 
1Pasture available ad libitum 
2WH- Wild Herbivore (Mazuri®, St. Louis, MO, USA) 
3T/O- Timothy/orchard grass 

 

Housing 

The two major groups of NC Zoo rhinoceros were kept in the rhinoceros barn, while M1 

and G1 were kept in a rhino annex building. The rhinoceros barn consisted of a series of 37 m² 

stalls and a 52 m² maternity stall. The mother-calf pairs (F2, J1, F4, J2) rotated routinely between 

either the one maternity stall or a combination of 2 to 3 regular stalls. Both sets of stalls had 

adjoining outdoor paddocks of roughly 111 m²; the substrate of these paddocks consisted of 

asphalt with sand beds. The mother-calf pairs had access to the outdoor paddocks unless the 

temperature was <4.5°C. The rhinoceros barn has forced air heating set at 10°C, with no cooling 

ability. The nonreproductive females, (F1, F3, S1, S2) had access to 5 stalls (for a total of 17 m² 

of space) when housed inside. During summer collection, this group was housed inside every 

other day, and was rotated into a 2000 m² outdoor habitat known as a boma, which includes a 

sand and rock paddock with some grass access adjacent to the 16-hectare NC Zoo Watani 
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Grasslands habitat. No rhinoceros were allowed access to the Grasslands habitat during the 

summer sampling period due to a cyanobacterial algal bloom in the lake in the habitat.  

During winter collection, the nonreproductive female group was allowed access to an 

outdoor holding area when temperatures were above 2°C. Their outdoor holding was three 

paddocks totaling 1450 m², including a heated lean-to in the largest paddock. When outdoor 

access was restricted, the group was split into two pairs: one pair was held in 111 m² of 

combined stalls with access to approximately 150 m² of outdoor holding, while the other pair 

was held in 74 m² of combined stalls with access to 335 m² of outdoor holding. Individuals were 

rotated into different pairs, and pairs were rotated into different sets of stalls so that each 

individual was equally exposed to all group members and indoor environments. Rhinoceros 

groups also had access to the Grasslands habitat when the weather rose above 0°C 

(nonreproductive female group) and 7°C (mother-calf pair group) respectively. Both groups were 

rotated out and combined in this habitat.  

The annex building had two 30 m² stalls and M1 and G1 each had access to a separate 

stall and 4,046 m² grass paddocks when temperatures rose above 2°C. The annex building had 

propane radiant heat that maintained 13°C during cool ambient temperatures; like the rhinoceros 

barn, it possessed no cooling ability and so matched ambient outdoor temperatures above 13°C. 

Rhinoceros G1 had limited access to the Watani Grasslands habitat with the other groups, which 

was no more than twice a month during the study period. Rhinoceros M1 had no access to the 

Grasslands habitat, having been transferred to another facility before the start of winter sampling. 
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Sample collection, storage, and DNA extraction 

Fecal samples were collected from each individual once per month during the months of 

July through September in 2020 and January through March in 2021. Sampling typically began 

on the 20th day of the month and extended until the end of that month to provide NC Zoo animal 

care staff enough time to collect samples. Over this time period, 151 fecal samples were 

collected within 30 minutes of defecation. Fifty-one of those samples were stored in Whirl-Pak® 

bags (Nasco, Fort Atkinson, WI, USA) for immediate freezing at -80°C. The remaining 100 

samples were aliquoted into two different preservation methods for a separate study. All 151 

samples were initially analyzed using the methods described in the following section before 

being divided into subsets for statistical analysis. 

Microbial DNA was extracted from the feces using the PowerFecal Pro DNA kit 

(QIAGEN, Germantown, MD, USA) after two weeks of storage. The kit was utilized per 

manufacturer recommendations with the following modification: after samples were placed in 

the provided PowerBead Pro tubes (QIAGEN, Germantown, MD, USA) and briefly vortexed, 

they were subjected to a bead beating step at 4 m/s for 4 min (two cycles of 2 minute shaking, 

with a 1 minute pause after each cycle) using a FastPrep-24 bead beater (MP Biomedicals, Santa 

Ana, CA, USA); this bead beating speed has previously validated for use in DNA extraction for 

16S rRNA V3-V4 region sequencing (Zhang et al., 2020). Extracted DNA was eluted in 100 μl 

of the elution buffer (10 mM Tris) and was stored in elution tubes at -20°C until the end of the 

sampling season. 
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Sequencing 

Extracted DNA was provided to the Genomic Sciences Laboratory at NC State 

University for 16S rRNA sequencing of the hypervariable V3 and V4 regions using established 

methods (PCR Amplicon, PCR Clean-up, and Index PCR, 2013). Primer pair sequences for the 

V3 and V4 regions (listed below) were obtained to amplify a sequence approximately 460 base 

pairs (bp) in length (Klindworth et al., 2013).  

 

 16S Amplicon PCR Forward Primer = 5' 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGCCTACGGGNGGCWGCAG 

16S Amplicon PCR Reverse Primer = 5' 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGACTACHVGGGTATCTAATCC 

 

A limited cycle polymerase chain reaction was performed, and Illumina (San Diego, CA, 

USA) sequencing adapters and dual-index barcodes were added to the amplicon target. The V3-

V4 region was sequenced on the Illumina MiSeq platform using paired 300-bp reads and MiSeq 

v3 reagents, with the ends of the reads overlapped to generate full-length reads. 

Raw FastQ files were imported to the CLC Genomics Workbench v21.0.4 with Microbial 

Genomics Module plugin (QIAGEN, Germantown, MD, USA) and were joined via the CLC 

default Illumina platform parameters; forward and reverse reads were paired. Workflows for data 

quality control and operational taxonomic unit (OTU) clustering were utilized. Reads were 

trimmed with a 0.05 quality limit and an ambiguous limit of 2. Read length thresholds were set 

between 15-1,000 nucleotides. The SILVA 16S reference database (v132) was used to define 
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OTUs based on a 97% taxonomic similarity cutoff. An OTU abundance table was generated and 

reformatted for downstream analysis in RStudio (v1.3.1073) (Boston, MA, USA).  

 

Bioinformatics and statistical analysis 

All statistical analyses were performed using R (version 4.0.2) and RStudio (v1.3.1073). 

A total of 59,680,646 16S rRNA sequence reads were obtained from 151 samples, with an 

average of 395,236 ± 12,585 (mean ± SEM) reads per sample. Total abundance was 11,445,730 

with 14,247 OTUs found. Chimeric reads which align to two or more reference sequences were 

identified and filtered out. All samples were rarefied to a level of 29,265 reads, with the loss of 

one sample for a remainder of 150 samples. One hundred of these samples were not frozen at -

80°C and were filtered out as part of a separate study into preservation method efficacy. The 

remaining 50 samples constituted frozen samples from each individual rhinoceros and were used 

for analysis of total population results and age class results. The data were filtered again to 

produce a final subset of 34 samples, constituting frozen samples from the adult and subadult 

females in the population only; these samples were used to analyze the effect of seasonality, 

avoiding possible variation due to age or sex.  

The OTU abundance table was used to calculate taxonomic relative abundance as well as 

alpha and beta diversity indices. Linear discrimination analysis effect size (LEfSe; 

https://huttenhower.sph.harvard.edu/galaxy/) was used to identify any OTUs that were 

significantly enriched per category (i.e., individual, age, or sampling month). Alpha diversity 

indices include measures of richness (number of species present), Shannon diversity (which 

incorporates both richness and evenness, i.e. relative abundance of taxa), and Simpson’s index 

(which incorporates richness, evenness, and phylogenetic relatedness of taxa). The Shannon 
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index takes into account rare species, making it very sensitive to small changes in diversity. By 

contrast, Simpson’s index is considered a “dominance” index as it gives greater weight to 

common species and is not affected by less abundant species. Kruskal-Wallis tests and pairwise 

Wilcoxon tests were used to assess significant differences in microbial alpha diversity across 

individuals, age classes, and sample seasons.  

Beta diversity indices measure the similarity or dissimilarity between communities 

(Legendre & Cáceres, 2013). To analyze microbial beta diversity, the relative abundance of each 

OTU was standardized using the Hellinger transformation, then Bray-Curtis dissimilarity was 

calculated to create distance matrices. Bray-Curtis dissimilarity values quantify compositional 

dissimilarity between two sites or groupings based on presence/absence and relative abundance 

of community membership. Possible values range between 0 and 1, with 0 signifying no species 

dissimilarity between two sites and 1 signifying complete species dissimilarity between two 

sites. Eigenvectors and eigenvalues were calculated from the distance matrices to create 

multidimensional scaling (MDS) plots, and PERMANOVA analysis was utilized to assess 

differences in community composition. P-values were adjusted using a False Discovery Rate 

(FDR) correction. 

 

4.3 Results 

Taxonomic relative abundance 

The microbiome of southern white rhinoceros at the NC Zoo was dominated by the 

bacterial phylum Firmicutes (average relative abundance 55%), followed by Bacteroidetes 

(21%), Spirochetes (10%), Fibrobacteres (8%), Kiritimatiellaeota (2%), and Lentisphaerae (1%). 

Taxonomic breakdown by individual is available as supplementary material (Table S1). Phylum 

and genus level bar charts revealed similarities in taxonomic abundance across the majority of 
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individuals, though the abundance of Firmicutes and Fibrobacteres varied slightly among 

individuals (Fig. 1). The most notable exception was G1, the geriatric female rhinoceros, which 

had more Verrucomicrobia compared to the other individuals.  

LefSe analysis revealed differentially abundant taxa across five age and sex classes (Fig. 

2). Adult female rhinoceros were enriched in members of the Spirochaetes phylum as well as 

Bacteroidetes-BD2-2. Subadult females possessed numerous differentially abundant taxa, 

including members of the Kiritimatiellaeota and Tenericutes phyla, Prevotellaceae and 

Rikenellaceae families, and the Mollicutes class. In addition, subadult females were enriched in 

members of the Quinella, Anaerovibrio, and Marvinbryantia genera. Juvenile females were 

enriched in the rumen bacterium NK4A55 and Lachnospiraceae species, as well as members of 

the Mycoplasma genus. The enrichment of Verrucomicrobia in the geriatric female was 

confirmed; in addition, members of the Lentisphaerae phylum, Rikenellaceae and 

Lachnospiraceae families, and Victivallis, Sediminispirochaeta, and Mucinivorans genera were 

shown to be enriched. The adult male rhinoceros was enriched in members of the Firmicutes 

phylum, class Clostridia, families Lachnospiraceae and Paenibacilliaceae, and Eubacterium 

hallii. A LefSe plot breakdown of enriched taxa by individual is available as supplemental 

material (Fig. S1). 

LefSe analysis revealed differentially abundant taxa across all six months (Fig. 3). Of the 

cold weather months, January samples were enriched in members of the Coriobacteriia class and 

Lactobacillales order, while February samples were enriched in members of the Rhodospirillales 

order and Anaeroplasma genus. March had the highest number of differentially abundant taxa 

(16 taxa), including enrichment of members of the Bacteroidetes and Lentisphaerae phyla, 

Planctomycetacia class, Pirellulales and Micrococcales orders, Defluviitaleaceae and 
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Nocardiaceae families, and the Victivallis, Rhodococcus, and Mycobacterium genera. Of the 

warm weather months, August samples were enriched in members of the Elusimicrobia phylum, 

Bacilli class, and Oribacterium genus while September was enriched in the phylum 

Actinobacteria and genus Alloprevotella.  

 

Alpha diversity 

There were several significant differences in species richness, Shannon diversity, and 

Simpson diversity indices between individuals, sex, age classes, and month of sampling.  

Kruskal-Wallis H tests revealed significant p-values for alpha diversity across 

individuals, including species richness (p=0.016), Shannon index (p=0.003), and Simpson’s 

index (p=0.006). However, pairwise comparisons using the Wilcoxon rank sum test revealed no 

significant interactions between individuals for any measure of alpha diversity (Fig. 4).  

Upon investigating age classes, Kruskal-Wallis H tests showed significant differences in 

richness (p=0.003), Shannon index (p<0.001), and Simpson’s index (p<0.001). A Wilcoxon rank 

sum test found that adult females and subadult females vary in species richness (p=0.018), 

Shannon index (p<0.001), and Simpson’s index (p<0.001). Adult females also varied from the 

geriatric female in Shannon index (p=0.005), and Simpson’s index (p=0.007) (Fig. 5) 

There was a significant difference (Kruskal-Wallis p<0.05) in species richness across six 

months, but no differences in Shannon or Simpson indices (Fig. 6). A Wilcoxon test showed no 

significant interactions among months for any measure of alpha diversity.  
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Beta diversity 

Multidimensional scaling (MDS) plots revealed similar clustering across individuals, 

with the exception of the geriatric animal G1 (Fig. 7). Most non-geriatric individual clusters 

experienced some overlap. Pairwise comparisons made using a PERMANOVA revealed several 

significant differences between certain individuals. Rhinoceros G1 possessed a community 

composition significantly different from all other individuals (p<0.05). In addition, the male 

rhinoceros M1 had a community composition different (p<0.05) from all adult female animals 

(F1-F4) as well as a juvenile (J2) and subadult female (S2). The two non-reproductive adult 

females, F1 and F3, had significantly different community compositions compared to varied 

juvenile and subadult animals (Table 3).  

An MDS plot comparing five age and sex classes showed a similar trend, with G1 once 

again serving as an outlier cluster (Fig. 8). Adult and subadult female clusters had broad overlap 

together. There was some overlap between the communities of juvenile and subadult animals. 

The adult male M1 shared some minor overlap with the adult female class and minimal overlap 

with the juvenile and subadult female animals. A PERMANOVA analysis found that every age 

group was significantly different in community composition (Table 4). An MDS plot comparing 

the community compositions of mother-calf pairs showed calves cluster tightly together and only 

minimally with their mothers (Fig. 9). The two mothers had some overlap in clusters but were 

otherwise dissimilar in composition. Limited sample size and single samples precluded the use of 

PERMANOVA for quantification of significance. 

An MDS plot comparing community composition across six months revealed a distinct 

trend in clustering based on seasonality (Fig. 10). The colder months of January, February, and 

March shared overlap in clustering and the clusters were discrete from the warmer months of 
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July, August, and September. These warmer months also clustered together, with the majority of 

the overlap present between July and August. A PERMANOVA analysis confirmed these trends, 

as the cooler months had no significant differences in beta diversity. Warmer months all differ 

(p<0.05) from cooler months. Of the warmer months, there were no significant differences in 

beta diversity between July and August, though September was different (p<0.01) from every 

other month (Table 5). 

 

4.4 Discussion 

Total population taxa abundance  

The most abundant taxa in the microbiomes of n=10 southern white rhinoceros at the NC 

Zoo were phylum Firmicutes (average relative abundance 55%), followed by Bacteroidetes 

(21%), Spirochetes (10%), Fibrobacteres (8%), Kiritimatiellaeota (2%), and Lentisphaerae (1%). 

The dominance of Firmicutes and Bacteroidetes coincides with a previously published overview 

of Rhinocerotidae gut microbial relative abundances; across southern white rhinoceros, black 

rhinoceros (Diceros bicornis), Sumatran rhinoceros (Dicerorhinus sumatrensis) and greater one-

horned rhinoceros (Rhinoceros unicornis), the two most dominant phyla were Firmicutes (range; 

66.3–51.0%) and Bacteroidetes (39.8–23.4%) (Roth et al., 2019). There were also high 

abundances of Verrucomicrobia (7.6–1.9%), Spirochetes (3.1–1.1%), Actinobacteria (1.04–

0.03%), and Fibrobacteres (2.14–0.19%) present across the four species, though the rankings of 

these abundances do not coincide with those found in this study (Roth et al., 2019). The phylum 

Verrucomicrobia was not present above 1% relative abundance in the majority of the NC Zoo 

population of rhinoceros with the exception of the geriatric female G1. Similarly, actinobacteria 

was only found at <1% abundance in one individual, adult female F3.  
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Age-related gut microbiome differences 

The geriatric female rhinoceros G1 experienced significant differences in alpha diversity 

indices and community composition when compared to other members of the population. 

Beyond age, the greatest difference between G1 and the rest of the population is that G1 was 

treated with phenylbutazone, a nonsteroidal anti-inflammatory drug (NSAID) used to alleviate 

symptoms of arthritis. NSAIDs have been associated with NSAID-induced gastrointestinal injury 

and the induction of microbiome dysbiosis in humans and mice, though the exact mechanism 

remains unknown (Mäkivuokko et al., 2010; Wallace & Redinbo., 2013; Whitfield-Cargile et al., 

2016). NSAID-induced dysbiosis usually results in the reduction of Firmicutes, specifically 

members of the class Clostridia, as well as the order Bacteroidales and family Lachnospiraceae 

(Whitfield-Cargile et al., 2018). Phenylbutazone has been previously implicated in changes to 

microbial abundances (specifically the loss of Pseudobutyrivibrio of the family Lachnospiraceae) 

and a 3-fold increase in circulating bacterial 16S rRNA in horses, the domestic animal model for 

rhinoceros (Whitfield-Cargile et al., 2021). Dysbiosis of the horse gut microbiome has been 

linked to inflammatory diseases such as colitis and laminitis (Milinovich et al., 2006; Al Jassim 

and Andrews, 2009; Weese et al., 2015). Rhinoceros G1 was treated with phenylbutazone for 

arthritis, but without further research it is impossible to establish whether the differences in 

microbial alpha and beta diversity indices experienced by G1 was due to the inflammatory 

disease, the subsequent treatment with phenylbutazone, or some other factor. While G1 was held 

in a separate building to the rest of the female population, G1 consumed the same type of diet 

and had similar access to outdoor paddocks and the Grasslands habitat as the others. However, 

G1 was provided four times the amount of pellet as the subadult and adult animals and had 
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greater amounts of grass present in the available outdoor paddock. Interestingly, G1 had the 

highest abundance of Firmicutes of all individuals (Fig. S1), even though NSAID-induced 

dysbiosis has been mostly implicated with the loss of Firmicutes abundance (Whitfield-Cargile et 

al., 2018). This increased abundance of Firmicutes displaced the population-consistent 

abundances of Fibrobacteres and Spirochetes in G1’s microbiome (Fig. 1A).  

Age-related changes in gut microbial diversity and composition have been previously 

noted in several species, including humans and horses (Woodmansey et al., 2004; Mariat et al., 

2009; Dougal et al., 2014); this study suggests similar age-related differences in the alpha and 

beta diversity of southern white rhinoceros gut microbiome (Fig. 5; Table 4). Each age class had 

significant differences in beta diversity as well as differentially abundant taxa present (Fig. 2; 

Table 4). One might expect the gut microbial community compositions of mother-calf pairs to 

cluster closely together, as mammals are believed to receive their first inoculation of microbial 

taxa in utero and then vertically via the mother’s vaginal canal during parturition (Dominguez-

Bello et al., 2010; Collado et al., 2016; Jacquay et al., 2018; Quercia et al., 2019). However, the 

two juvenile individuals had microbiome clusters more similar to each other than to their 

mothers (Figs. 7 & 9). After the initial inoculation, juvenile animals continue to establish their 

gut microbiomes horizontally via environmental contact and mediate microbial species 

abundance via the consumption of milk and feed (Jacquay et al., 2018). The difference between 

juveniles and adults may thus be due to the still immature juvenile microbiomes, which are likely 

in a transitory state during weaning after having been colonized mainly by milk metabolizing 

microbiota; both juveniles in this study were near the average weaning age (~1.5 years old) for 

female southern white rhinoceros calves (White et al., 2007; De La Torre et al., 2019). An MDS 

plot comparing clustering of all age-class microbiomes revealed juvenile microbiomes cluster 
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more similarly with subadult females than adult females, indicating a natural longitudinal 

progression of community composition (Fig. 8).  

Juvenile animals had enriched abundances of members of the Lachnospiraceae family 

and Ruminococcus, Ruminoclostridium, and Mycoplasma genera, and uncultured Anaerovibrio 

spp. All those taxa except Mycoplasma have been associated with fiber fermentation and/or 

digestion in the guts of hindgut fermenters (Costa et al., 2015). Conversely, Mycoplasma spp. are 

considered pathogenic bacteria and have been associated with several deleterious conditions in 

horses, including endometritis, vulvitis, and infertility (Moorthy et al., 1977). Juveniles in this 

population were considered healthy, however, and had no symptoms relating to Mycoplasma 

infection. 

Significant differences (p<0.01) in subadult female and adult female animal gut 

microbiome alpha and beta diversity were present (Table 4) though similarities in lifestyle make 

inferences challenging; both age classes overlapped in housing, outdoor access, and diet. Sex 

hormones may have some influence on this difference, as the subadult females here were not 

considered sexually mature at the time of sampling and any sex-related differences in gut 

microbiota appear only after puberty (Yurkovetskiy et al., 2013; Markle et al., 2013; Kim et al., 

2020). Studies into human and murine models have suggested that the sex hormone estrogen has 

bidirectional interactions with gut microbiota, and a previous study into southern white 

rhinoceros dietary estrogenicity revealed similar effects (Chen & Madak-Erdogan, 2016; 

Williams et al., 2019). These rhinoceros studies consisted only of adult individuals, however, 

with no investigation into age-related differences in estrogenicity and gut microbiome interaction 

(Chen and Madak-Erdogan, 2016; Williams et al., 2019).  
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Subadult animals had enriched abundances of Rikenellaceae, Prevotellaceae, 

Kiritimatiellaeota, Quinella, Marvinbryantia, and Acetitomaculum (Fig. 2). Rikenellaceae and 

Prevotellaceae have been proposed to contribute to metabolite production and fiber degradation 

in southern white rhinoceros (Williams et al., 2019). Quinella is also responsible for digestion as 

a large propionate-producing rumen bacterium, and Marvinbryantia and Acetitomaculum have 

been similarly implicated in microbial fermentation processes (Kittelmann et al., 2014; Levin et 

al., 2015; Yu et al., 2020). 

There were significant differences in alpha and beta diversity between the male (n=1) and 

female (n=9) individuals noted, including differences in species richness (p<0.05) and Bray-

Curtis dissimilarity (p<0.01) (Table 3), as well as multiple differentially abundant taxa (Fig. 2). 

However, inferences based off of sex cannot be made without additional male rhinoceros added 

to the population; individual variation may contribute more to these differences than sex. Several 

mechanisms for sex differences in gut microbiota have been proposed, including sex hormones, 

body mass index, and colonic transit time (Yurkovetskiy et al., 2013; Haro et al., 2016; Kim et 

al., 2020). The male rhinoceros, M1, consumed the same managed pellet and hay diet as the 

female animals, but was housed near G1 in a separate building from the other individuals and 

had no access to the large Grasslands exhibit. While it is possible that the lack of grazing access 

spurred these differences, further research with additional male rhinoceros is necessary to derive 

a cause.  

 

Seasonal effects on gut microbiome  

Significant differences in species richness and Bray-Curtis dissimilarity across sampling 

months were identified and seasonal trends were observed (Table 5; Fig. 10). At the start of this 
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study, we hypothesized that feces collected from the population during warm weather months 

(July-September 2020) would reflect higher levels of species richness than cold weather months 

(January-March 2021). This is because the rhinoceros population would normally have outdoor 

access to the 16-hectare Watani Grasslands habitat during the summer, and all of the gut 

microbiome influences that come with it. This includes contact with environmental microbiota, 

potential interactions with allospecifics and their fecal microbiota, and the addition of several 

grass species to their diet. This expectation was based off of historical rhinoceros welfare 

routines at the NC Zoo but ultimately did not come to fruition due to a cyanobacterial bloom in 

the lake on habitat; rhinoceros were subsequently kept in holding throughout the entirety of the 

warm weather month sampling time frame to preserve their health. While a Kruskal-Wallis H 

test showed the presence of significance in richness between months (p<0.05), we were unable to 

identify which months were responsible using a Wilcoxon rank sum test. Boxplots did reveal that 

the cold weather months of January and March had higher median richness compared to all of 

the warm weather months (Fig. 6). This is unsurprising in context, as the rhinoceros were rotated 

back out onto the Grasslands habitat during the cold weather months subject to temperature 

(>0°C for nonreproductive female group and >7°C for the mother-calf pair group). 

Warm weather months clustered distinctly together in microbial community composition, 

as did cold weather months; warm and cold weather month clusters did not share any overlap and 

were significantly different from each other in Bray-Curtis dissimilarity (p<0.05) (Fig. 10; Table 

5). Cold weather months did not have significant inter-month Bray-Curtis dissimilarity 

differences, nor did the warm weather months of July and August. Curiously, September was 

different (p<0.01) from all other months in Bray-Curtis dissimilarity even though the only 

biologically relevant taxa (LDA score >3) that was differentially enriched in September were 
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members of the phylum Actinobacteria; these are common soil bacteria which decompose 

organic matter but are generally not abundant (<1%) in the gut microbiomes of this population of 

southern white rhinoceros (Fig. 3; Table S1) (Barka et al., 2016). 

Differentially abundant taxa were also present for all other months except July, with 

March having the most numerous differentially abundant taxa (n=16) (Fig. 3). These include 

members of the phyla Bacteroidetes, Lentisphaeria, and Planctomycetes, and families 

Defluviitaleaceae and Norcardiaceae, order Micrococcales, and the Rhodococcus and 

Mycobacterium genera. All aforementioned taxa are commonly occurring terrestrial and aquatic 

bacteria likely picked up from the soil, decaying plant matter, and freshwater lake of the Watani 

Grasslands habitat. The daily average temperature for March 2021 was ~12°C (Table S2), 

making it the first of the cool weather months to facilitate the daily rotation of both the non-

reproductive female group and the mother-calf pair group onto the Grasslands habitat.  

 

Limitations 

This study has several limitations. The first of which is the small total population size 

(n=10) sampled, which limits the robustness of statistical inferences. Second, some animals were 

added and/or removed from the study population between sampling months due to external 

factors. For example, M1 was transferred to another facility before the sampling in March 2021 

could begin, G1 was not sampled in September due to health concerns, and the juvenile animals 

J1 and J2 were not sampled during 2020 due to intractability. Third, the population of animals in 

this study belonged to one facility, thus these results are most relevant to that facility and may 

not be extrapolated to managed southern white rhinoceros populations as a whole. Fourth, this 

study sampled fecal microbiota as a proxy for gut microbiota, though recent research has 
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proposed that feces is inadequate at representing the microbiome present in both the contents and 

mucosa of the gastrointestinal tract (Tang et al., 2020). In addition, different parts of the 

gastrointestinal tract possess different abundances of microbial families which may not be 

apparent in feces (Donaldson et al., 2016). True sampling of the intestinal tract would involve 

highly invasive or fatal biopsies that are inappropriate for studies with endangered animals. As 

the majority of rhinoceros in this study were not tractable enough for per-rectal sampling, the 

non-invasive sampling of feces after defecation was necessary. This study used Illumina 

sequencing of the ~460 base pair V3 to V4 region of the 16S rRNA gene to identify bacterial 

OTUs and analyze composition as opposed to the usage of the full ~1500 base pair 16S gene. 

This compromise is known to produce high throughput results at a lower cost than Sanger 

sequencing but reduced the taxonomic accuracy at a species level. Finally, sequencing of 

samples took place after the cold-weather and warm-weather sampling periods were complete, 

meaning that not all samples were sequenced at the same time. While this has the potential to add 

sequencing variability, the utilization of the same laboratory, procedure, and technicians limited 

this variation as much as possible. 

 

4.5 Conclusions 

This study has revealed novel age and seasonal-related differences in microbial diversity 

and community clustering within the managed population of southern white rhinoceros at the NC 

Zoo. Further research with additional rhinoceros populations across similar facilities would be 

ideal for validating these trends for managed southern white rhinoceros as a whole, as well as 

discovering possible microbiome differences due to sex. As health and potential reproductive 

success is mediated by gut microbiota, investigating and cataloguing the microbiomes in the 



   

71 

 

reproductively successful population of southern white rhinoceros at the NC Zoo may be of 

particular importance to the animal management community.  
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Figure 1. (A) Phylum- and (B) genus-level bar charts representing microbial community 
composition across n=10 southern white rhinoceros (Ceratotherium simum simum) at the 

North Carolina Zoo.
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Figure 2. (A) Linear discriminate analysis Effect Size (LEfSe) cladogram and (B) plot of 
LDA scores comparing significantly and differentially enriched major taxa (i.e., present at 
>1% relative abundance) in five age/sex classes of n=10 southern white rhinoceros 

(Ceratotherium simum simum) housed at the North Carolina Zoo. P≤0.05 considered 

significant. An LDA score of 3 or higher is considered biologically relevant (Saito et al., 2019). 
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Figure 3. (A) Linear discriminant analysis Effect Size (LEfSe) cladogram and (B) plot of 
LDA scores comparing significantly and differentially enriched major taxa (i.e., present at 
>1% relative abundance) in n=6 southern white rhinoceros (Ceratotherium simum simum) 
housed at the North Carolina Zoo across six months. Data include samples from n=4 adult 

females and n=2 subadult females sampled between August of 2020 and March of 2021. An 

LDA score of 3 or higher is considered biologically relevant (Saito et al., 2019). 
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Figure 4. Boxplots comparing alpha diversity as measured by (A) species richness, (B) 
Shannon diversity, and (C) Simpson’s diversity indices, across n=10 southern white 
rhinoceros (Ceratotherium simum simum) at the North Carolina Zoo.  
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Figure 5. Boxplots comparing alpha diversity as measured by (A) species richness, (B) 
Shannon diversity, and (C) Simpson’s diversity indices across six age classes of n=10 
southern white rhinoceros (Ceratotherium simum simum) at the North Carolina Zoo. 
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Figure 6. Boxplots comparing alpha diversity as measured by (A) species richness, (B) 
Shannon diversity, and (C) Simpson’s diversity indices in n=6 southern white rhinoceros 
(Ceratotherium simum simum) housed at the North Carolina Zoo across six months. Data 

include samples from n=4 adult females and n=2 subadult females sampled between August of 

2020 and March of 2021. 
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Figure 7. Multidimensional Scaling (MDS) Plots comparing individual microbiome clusters 
in n=10 southern white rhinoceros (Ceratotherium simum simum) housed at the North 
Carolina Zoo. Each point represents a single fecal sample; distance measured using Bray-Curtis 

dissimilarity.  
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Figure 8. Multidimensional Scaling (MDS) Plots comparing microbiome clusters across five 
age and sex classes of n=10 southern white rhinoceros (Ceratotherium simum simum) 
housed at the North Carolina Zoo. Each point represents one fecal sample from one of n=10 

southern white rhinoceros at the North Carolina Zoo. 
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Figure 9. Multidimensional Scaling (MDS) Plots comparing clustering of microbiomes 
between two mother-calf pairs of southern white rhinoceros (Ceratotherium simum simum) 
housed at the North Carolina Zoo. Each point represents one fecal sample from one of n=2 

adult female and n=2 juvenile female southern white rhinoceros at the North Carolina Zoo.  
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Figure 10.  Multidimensional Scaling (MDS) Plots comparing microbiome clusters of n=6 
southern white rhinoceros (Ceratotherium simum simum) housed at the North Carolina Zoo 
across six months. Each point represents one fecal sample from one of n=4 adult female and 

n=2 subadult female southern white rhinoceros at the North Carolina Zoo across six months 

between August of 2020 and March of 2021. 
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Table 3. PERMANOVA statistical comparisons of Bray-Curtis dissimilarity in microbial 
community composition across n=10 southern white rhinoceros (Ceratotherium simum 
simum) housed at the North Carolina Zoo. 

 F1 F2 F3 F4 G1 J1 J2 M1 S1 

F2 0.183 - - - -  - - - 

F3 0.183 0.264 - - - - - - - 

F4 0.118 0.648 0.049* - - - - - - 

G1 0.03* 0.04* 0.039* 0.04* - - - - - 

J1 0.183 0.384 0.144 0.401 0.04* - - - - 

J2 0.059 0.07 0.04* 0.183 0.049* 0.628 - - - 

M1 0.03* 0.04* 0.03* 0.03* 0.04* 0.08 0.04* - - 

S1 0.049 0.118 0.058 0.213 0.03* 0.36 0.192 0.07 - 

S2 0.04* 0.061 0.04* 0.253 0.03* 0.384 0.083 0.04* 0.648 

Significance codes: ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05  
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Table 4. PERMANOVA statistical comparisons of Bray-Curtis dissimilarity in microbial 
community composition across five age/sex classes of n=10 southern white rhinoceros 
(Ceratotherium simum simum) housed at the North Carolina Zoo. 

 Adult 
Female 

Adult 
Male 

Geriatric 
Female 

Juvenile 
Female 

Adult 
Male 

0.002** - - - 

Geriatric 
Female 

0.002** 0.013* - - 

Juvenile 
Female 

0.002** 0.005** 0.009** - 

Subadult 
Female 

0.002** 0.01** 0.002** 0.018* 

Significance codes: ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05  
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Table 5. PERMANOVA statistical comparisons of Bray-Curtis dissimilarity in microbial 
community composition across n=10 southern white rhinoceros (Ceratotherium simum 
simum) housed at the North Carolina Zoo across six months. 

 January February March July August 

February 0.086 - - - - 

March 0.056 0.077 - - - 

July 0.007* 0.018* 0.008** - - 

August 0.007** 0.007** 0.007** 0.164 - 

September 0.007** 0.007** 0.007** 0.007** 0.007** 

Significance codes: ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05  
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MANUSCRIPT 2:  EFFECT OF FECAL PRESERVATION METHOD ON MANAGED 

SOUTHERN WHITE RHINOCEROS (CERATOTHERIUM SIMUM SIMUM) GUT 

MICROBIOME 

 

5.1 Introduction 

The mammalian microbiome comprises microbial communities both on and inside of 

their bodies, which adapt to the unique conditions at each body site and have co-evolved to 

complement and meet host requirements across life processes and at each life stage. The majority 

of the mammalian microbiome resides within the lower gastrointestinal tract (i.e., the gut 

microbiome), where it facilitates the digestion of nutrients, produces vitamins and short chain 

fatty acids, and promotes tissue development and immune function (Geuking et al., 2011; Flint et 

al., 2012; LeBlanc et al., 2013). Gut microbiomes are species-specific and usually vary among 

individuals. Composition and abundance of the microbial taxa present are dependent on a variety 

of factors including diet (Muegge et al., 2011; David et al., 2014; McKenney et al., 2015), gut 

morphology (Gillman et al., 2020), feeding strategy (Greene et al., 2020; McKenney et al., 

2018), age (Adriansjach et al., 2020; Janiak et al., 2021), sex (Markle et al., 2013; Mshelia et al., 

2018), geographic location (Yatsunenko et al., 2012), and health status (Lewis et al., 2015). 

Dysbiosis of the gut microbiome is usually associated with diseased state in the host and the 

opportunistic colonization of pathogenic bacteria subsequent to the loss of beneficial gut 

microbes (Lupp et al., 2007; Schippa et al., 2012; Winter et al., 2013). Gut microbiome is 

inextricably connected to the health and functioning of the host. From a conservation standpoint, 

understanding the gut microbiome is thus of critical importance for the health and population 

management of imperiled wildlife (McKenzie et al., 2017; Carthey et al., 2020).  
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The stability of microbial communities in feces begins to decline after 24 hours of storage 

at ambient temperature (Cardona et al., 2012; Carroll et al., 2012; Tedjo et al., 2015). While 

refrigerating samples at 4°C does halt that degradation, this effect also only lasts up to 72 hours 

before the microbial community structure begins to change, favoring the growth of psychotropic 

and psychrophilic bacteria able to reproduce at low temperatures (Tedjo et al., 2015; Choo et al., 

2015; Wu et al., 2019). Refrigeration at 4°C also encourages fungal growth, further jeopardizing 

samples (Song et al., 2016). As such, samples must be stored at cooler temperatures for 

longitudinal studies. Though immediate freezing at -80°C is the gold standard for preserving 

fecal samples for microbiome research, freezing at -20°C is an acceptable alternative when -

80°C is unavailable (Wu et al., 2010; Choo et al., 2015). However, freezing tends to be 

impractical for conservation fieldwork applications because many sample sites are remote and 

may lack electricity and/or ultra-low freezers. In addition, any freeze-thaw cycles that occur 

during the transport of fecal samples to and from storage sites further jeopardize DNA quality 

(Song et al., 2016). To maximize the quality (e.g., molecular weight) of DNA extractions, 

samples must therefore be either: 1) processed (i.e., DNA extraction and possibly sequencing) 

where they are frozen; 2) transported at ambient temperature or on ice to a lab for possessing, at 

the risk of sample integrity; or 3) transported at ultra-low temperatures, which is not possible at 

all sample sites (Song et al., 2016; Wu et al., 2019). 

In an attempt to circumvent the pitfalls associated with ambient temperatures and lack of 

ultra-low freezing outlined above, many field researchers store fecal samples in ethanol in an 

effort to halt microbial reproduction until the samples can be transported to a lab for DNA 

extraction (Wu et al., 2019). Fecal samples immersed in 95% ethanol can be stored safely at 

ambient temperature.  However, these samples can be equally difficult to travel with as large 
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quantities of ethanol (>1L) must be shipped via private carrier, which is much more expensive 

and logistically challenging compared to passenger planes (Dangerous Goods Regulations, 

2021). These restrictions risk loss of samples as well as increases the costs and time invested in 

the venture. Furthermore, several studies have indicated that samples preserved in ethanol 

consistently return low DNA yields after extraction, potentially affecting downstream 

applications (Vlčková et al., 2012; Hale et al., 2015; Song et al., 2016). While samples stored at 

ambient temperature in 95% ethanol for 8 weeks have shown slight compositional changes from 

technical replicates and were more susceptible to change under heat conditions, these effects 

were small compared to compositional differences due to interindividual variation (Song et al., 

2016).  

PERFORMAbiome™•GUT (PB), a proprietary fecal preservation method and storage 

device produced by DNA Genotek (Ottawa, Ontario, Canada), offers many potential benefits for 

microbiome fieldwork, including the ability to maintain DNA integrity at temperatures between -

20°C to 50°C and to maintain a stable microbial profile at room temperature for 60 days (DNA 

Genotek, 2019). PB tubes have been internally validated by DNA Genotek for usage in domestic 

dogs, cats, and horses. However, only two published studies have used PB tubes: one for dog 

samples and the other for pinnipeds (harbor seals (Phoca vitulina) and grey seals (Halichoerus 

grypus)) (Lin et al., 2020; Steinmetz et al., 2021). These three species possess relatively short, 

simple digestive tracts lacking a functional cecum (Mead, 2009; Smith et al., 2009). Due to the 

novel nature of PB tubes, it is important that they be externally validated for usage with feces 

types from other species bearing diverse feeding strategies and gut morphologies, and under 

varying time constraints. We address this gap in information by comparing the effects of 
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preservation method and time on the gut microbial composition and structure of fresh fecal 

samples collected from managed southern white rhinoceros (Ceratotherium simum simum).  

Southern white rhinoceros are large grazing herbivores that have evolved a complex gut 

morphology including a large cecum and sacculated colon to facilitate digestion of their high-

fiber diet, and thus provide a novel and compelling species in which to test the efficacy of 

different methods for preserving the gut microbiome in herbivores. Southern white rhinoceros 

populations face an uncertain future due to intense poaching pressure across their home ranges, 

thus the management of reproductively successful assurance populations becomes imperative. 

Reproductive outcomes in managed southern white rhinoceros may be facilitated in part via gut 

microbial diversity, as female fertility levels appear to vary with both their fecal phytoestrogen 

profiles and the presence of specific gut bacteria that metabolize those phytoestrogens (Tubbs et 

al., 2016; Williams et al., 2019). However, managed populations of southern white rhinoceros in 

zoological facilities have historically experienced poor fertility and post-copulatory reproductive 

failure (Swaisgood et al., 2006; Metrione & Eyres, 2014). By contrast, wild populations of 

rhinoceros and those managed in reserves in-situ are reproductively successful to the point that 

the total population has risen from an estimated 50 individuals at the end of the 19th century to an 

estimated 18,064 wild individuals at the last estimation in December 2017, though these numbers 

are declining again (Emslie, 2020). It is thus of critical importance that we understand how 

managed populations of southern white rhinoceros differ from their wild conspecifics in ways 

that affect reproductive success, including their gut microbiomes. Fieldwork is needed for fecal 

sampling of wild populations in-situ; however, fecal preservation for microbiome studies can be 

logistically challenging in the field.  
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The objectives of this research are two-fold: 1) to compare the efficacy of different fecal 

preservation techniques (immediate freezing at -80°C, PB tubes, and 95% ethanol) for preserving 

fecal samples from southern white rhinoceros; and 2) to test the limitations of those preservation 

methods for 14 days and 230 days. We hypothesized that 95% ethanol-preserved and PB-

preserved samples will perform similarly to -80°C controls in preserving microbial richness and 

community composition in fecal samples over a 14-day period. We also hypothesized that 

microbial richness and community composition in PB samples will shift between 14 and 230 

days of storage at ambient temperature due to degradation of both preservative solution and 

sample, and subsequent changes in the observed microbial community profile. We did not expect 

the microbial profile of samples preserved in 95% ethanol to change significantly over 230 days 

given its past validation as a long-term storage preservative for fecal samples (Song et al., 2016). 

 

5.2 Methods 

Sample population and housing 

Fecal samples were collected from a population of 10 southern white rhinoceros (9 

females, 1 male) managed at the North Carolina Zoo in Asheboro, NC. These animals ranged in 

age from juvenile (n=2; J; <3.5 years old), subadult (n=2; S; 3.5 - 7 years old), adult (n=4 F and 

n=1 M; 8 - 40 years old), to geriatric (n=1; G; >40 years old). Age classes were assigned based 

on a modified version of the white rhinoceros age-class system previously published by Emslie 

et al. (1995). During the course of this study, NC Zoo rhinoceros were split into three subgroups 

for housing purposes: 1) four nonreproductive females (F1, F3, S1, S2); 2) two mother-calf pairs 

(F2, J1, F4, J2); 3) male individual (M1) and the geriatric female (G1). All animals were free 

from antibiotics, though G1 received phenylbutazone (bute) to treat arthritis symptoms. 
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Nonreproductive females and mother-calf pairs were housed in the rhinoceros barn, while 

M1 and G1 were housed separately in the rhino annex building. Groups in the rhinoceros barn 

were rotated between available stalls (37 m² stalls and a 52 m² maternity stall) and had access to 

outdoor sand and asphalt paddocks roughly 111 m² in size during temperate weather (>4.5°C). 

During winter sample collection, the nonreproductive female group had access to an outdoor 

paddock (1450 m²) when temperatures were above 2°C. When outdoor access was restricted, the 

group was randomly split into two pairs and rotated between combined stalls so that each 

individual was equally exposed to all group members and indoor environments. In the annex 

building, M1 and G1 were housed in separate 30 m² stalls and allowed access to 4,046 m² grass 

paddocks when temperatures rose above 2°C.  

The NC Zoo possesses a 16-hectare mixed-species habitat called the Watani Grasslands. 

While rhinoceros are usually rotated onto the habitat during temperate weather, no rhinoceros 

were allowed access to the Grasslands during the warm weather sampling period due to a 

cyanobacterial algal bloom in the lake in the habitat. During the cold weather sampling period, 

non-reproductive females and mother-calf pairs (or a combination of both) were allowed onto the 

Grasslands habitat at temperatures at >0°C and >7°C, respectively. Rhinoceros G1 had bi-

monthly access to the Watani Grasslands with the other groups, while M1 had no access to the 

Grasslands during the sampling period. 

 

Diets 

NC Zoo rhinoceros diets were standardized, but varied by season and age. Adult and 

subadult animals received 1.36 kgs of Mazuri® Wild Herbivore Diet Hi-Fiber (St. Louis, MO, 

USA) daily throughout the year, while juveniles received 0.68 kgs. During the winter, sub-adult 
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and adult rhinoceros received one bale of timothy hay (Phleum pretense) per animal. During the 

summer, outdoor grazing was accessible so adult and sub-adult rhinoceros were provided one 

quarter of a bale of timothy hay per animal. Supplementary feed in the form of timothy hay 

cubes, orchard grass (Dactylis glomerate), and alfalfa hay (Medicago sativa) were offered in 

rotation for training and enrichment, though these constituted less than 20% of the daily diet.  

The diet of the single geriatric female rhinoceros (G1) was consistent throughout the 

year. Rhinoceros G1 received 5.44 kgs of Mazuri® Wild Herbivore Diet Hi-Fiber feed and one 

half of a timothy/orchard grass mixed bale each day. Rhinoceros G1 also had access to outdoor 

grazing areas during the summer and was similarly supplemented with timothy cubes and alfalfa 

hay for training and enrichment. 

 

Sample collection and storage 

Fecal samples were collected from each individual once per month from July through 

September in 2020 and January through March in 2021. The sampling dates remained consistent 

throughout, beginning on the 20th day of the month and extending until the end of that month. All 

sampling containers were pre-labeled with a unique identifier and collection date. A minimum of 

2 grams of feces was collected from each individual within 30 minutes of defecation and 

aliquoted across three preservation methods: immediate freezing at -80°C in a Whirl-Pak® bag 

(Nasco, Fort Atkinson, WI, USA), 15 mL conical Falcon® tubes (Corning, New York, NY, USA) 

containing 95% ethanol, and PB tubes containing a proprietary preservative solution (Fig. 11). 

Samples preserved in 95% ethanol and PB tubes were stored at ambient temperature for a 

minimum of 14 days to simulate field conditions. A subset of frozen (n=6), PB (n=6), and 95% 

ethanol (n=6) samples from August 2020 were also stored for an additional 222 to 230 days 
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before extraction to test the longitudinal efficacy of the three preservation methods; these 

samples make up the “Day 230” time point data.  

The PB tubes could not be used per manufacturer recommendations due to the grated 

secondary tube top and the physical nature of the rhinoceros fecal samples, which included long 

fibrous hay pieces; this feces created a mat at on the grate that could not be pushed into the 

preservative solution. The mat also hampered DNA extraction efforts, as there was a limited 

amount of preserved fecal material in solution from which to extract. As such, modifications 

were made whereby the grated tube top was removed during sampling and feces was manually 

pushed into solution using a sterile spatula, taking care that all fecal material was immersed.  

 

DNA extraction 

After 14 days, microbial DNA was extracted from the preserved fecal samples using the 

PowerFecal Pro DNA Kit (QIAGEN, Germantown, MD, USA) per manufacturer 

recommendations with the following modification: After samples were placed in the PowerBead 

Pro tubes and vortexed briefly to mix, they were subjected to bead beating at 4 m/s for 4 min 

using a FastPrep-24 bead beater (MP Biomedicals, Santa Ana, CA, USA) as opposed to being 

vortexed at maximum speed for 10 minutes; this bead beating speed has previously validated for 

use in DNA extraction for 16S rRNA V3-V4 region sequencing (Zhang et al., 2020). Extracted 

DNA was eluted in 15 to 100 μl of elution buffer (10 mM Tris); frozen and PB samples routinely 

returned high concentrations of DNA and were eluted in manufacturer recommended 100 μl of 

elution buffer, while samples that routinely returned minimal DNA concentrations were eluted 

with a minimum of 15 μl of elution buffer in order to increase concentrations for sequencing. 

Nucleic acid quantity and quality were measured with a NanoDrop 2000c spectrophotometer 
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(Thermo Fisher Scientific, Waltham, MA, USA), and DNA extractions were stored in elution 

tubes at -20°C until the end of the sampling season. Any samples continuously producing low 

DNA yields were extracted again in duplicate following manufacturer recommendations up until 

the final eluting step, when an additional modification was added: one replicate was eluted, then 

that eluate was pipetted onto the filter membrane containing DNA from the second replicate and 

centrifuged again, effectively doubling the final DNA concentration.  

Prior to extraction, fecal samples immersed in solution were transferred to 

microcentrifuge tubes and centrifuged at 15,000 x g for 1 minute to concentrate the sample; the 

supernatant was discarded. While this was a successful technique for PB samples, 95% ethanol 

samples routinely returned insufficient concentrations of extracted DNA. Therefore, in March 

2021 another technique was applied involving the evaporation of excess ethanol from the feces 

under a fume hood. DNA extractions from these samples yielded sufficient quantities of DNA 

for sequencing without additional processing. 

 

Sequencing 

Extracted DNA was sent to the Genomic Sciences Laboratory at NC State University for 

sequencing of the variable V3 and V4 regions of the 16S rRNA gene using established methods 

(PCR Amplicon, PCR Clean-up, and Index PCR, 2013). Primer pair sequences for the V3 and 

V4 region were obtained and created an amplicon approximately 460 base pairs (bp) in length; 

these sequences were selected from Klindworth et al. (2013) and are listed below: 

 

16S Amplicon PCR Forward Primer = 5' 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGCCTACGGGNGGCWGCAG 
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16S Amplicon PCR Reverse Primer = 5' 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGACTACHVGGGTATCTAATCC 

 

A limited cycle polymerase chain reaction was performed, and Illumina (San Diego, CA, 

USA) sequencing adapters and dual-index barcodes were added to the amplicon target. The V3-

V4 region was sequenced on the Illumina MiSeq platform using paired 300-bp reads and MiSeq 

v3 reagents, with the ends of the reads overlapped to generate full-length reads. 

Raw sequencing data were imported to the CLC Genomics Workbench v21.0.4 with 

Microbial Genomics Module plugin (QIAGEN, Germantown, MD, USA) for data quality control 

and operational taxonomic unit (OTU) clustering. FastQ files were joined via the CLC default 

Illumina platform parameters, and forward and reverse reads were paired. Reads were trimmed 

with a 0.05 quality limit and an ambiguous limit of 2. Read length thresholds were set between 

15-1,000 nucleotides. SILVA 16S reference database (v132) was used to define OTUs based on 

a 97% taxonomic similarity cutoff. An OTU abundance table was generated for the 151 samples 

and reformatted for downstream analysis in RStudio (v1.3.1073) (Boston, MA, USA). 

 

Bioinformatics and statistical analysis 

All statistical analyses were performed using R (version 4.0.2) and RStudio (v1.3.1073). 

A total of 59,680,646 16S rRNA sequence reads were obtained from 151 samples, for an average 

of 395,236 ± 12,585 (mean ± SEM) reads per sample. Total abundance was 11,445,730 with 

14,247 OTUs found. 211,797 chimeric reads (reads corresponding to two or more reference 

sequences) were identified and filtered out. All samples were rarefied to a level of 29,265 reads, 

with the loss of one sample for a remainder of 150 samples. The updated OTU abundance table 
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was used to calculate taxonomic relative abundance as well as alpha and beta diversity indices. 

Linear discrimination analysis Effect Size (LEfSe; https://huttenhower.sph.harvard.edu/galaxy/) 

was used to identify any OTUs that were significantly enriched per category (i.e., Day 14 and 

Day 230 preservation methods). Alpha diversity indices of richness (number of species present), 

Shannon diversity (the relative abundance of taxa, including both richness and evenness), and 

Simpson’s index (constituting the richness, evenness, and phylogenetic relatedness of taxa) were 

measured. Kruskal-Wallis tests and pairwise Wilcoxon tests were used to assess significant 

differences in microbial alpha diversity across preservation methods.  

To analyze microbial beta diversity, the relative abundance of each OTU was 

standardized using the Hellinger transformation, then Bray-Curtis dissimilarity was calculated to 

create distance matrices. Eigenvectors and eigenvalues were calculated from the distance 

matrices to create multidimensional scaling (MDS) plots, and PERMANOVA analysis was 

utilized to assess differences in community composition. P-values were adjusted using a False 

Discovery Rate (FDR) correction. 
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Figure 11. Overview of Fecal Storage and Preservation Methodology. Fecal samples from 

n=10 managed southern white rhinoceros (Ceratotherium simum simum) at the North Carolina 

Zoo were stored at -80°C and at ambient temperature in 95% ethanol and in proprietary 

PERFORMAbiome™•GUT (PB) tubes. Samples were stored for either 14 or 230 days.  
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5.3 Results 

Taxonomic relative abundance 

Firmicutes (average relative abundance 56%) was the dominant phyla across all 

preservation methods, followed by Bacteroidetes (20%), Spirochetes (9%), Fibrobacteres (8%), 

Kiritimatiellaeota (2%), Actinobacteria (1%), and Lentisphaerae (1%).  

Phylum and genus level bar charts revealed apparent differences in community 

composition across different preservation methods and time points (Fig. 12). All Day 230 

samples were enriched in Verrucomicrobia compared to Day 14 samples, and ethanol samples 

from both time points were enriched with Actinobacteria (Fig. 12). This increased abundance of 

Actinobacteria species in ethanol samples was confirmed using an LEfSe analysis (Fig. 13). Both 

time points were also enriched with members of the class Clostridia: Ethanol Day 14 samples 

had increased abundance of the Clostridia genus Coprococcus, while Ethanol Day 230 had 

increased abundance of the genera Lachnoclostridium, Sarcina, Catenisphaera, Cellulosilyticum, 

and Eubacterium. Ethanol Day 230 samples were also specifically enriched for Bacillaceae, 

specifically of the genus Bacillus. Ethanol Day 230 samples also contained more members of the 

phylum Firmicutes and fewer Bacteroidetes and Spirochetes compared to other treatments and 

were more specifically enriched with members of the Nocardiaceae family and the 

Enterorhabdus and Rhodococcus genera.  

Several other taxa were revealed to be differentially abundant across the different 

preservation methods via LEfSe analysis (Fig. 13). PB samples had the most differentially 

abundant taxa across both time points, with several Bacteroidetes and Anaerovorax species 

present. PB Day 230 samples were also enriched in several Clostridia taxa, including members of 

the families Ruminococcaceae and Lachnospiraceae as well as the genera Papillibacter, 
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Peptococcus, and Ruminiclostridium. Members of the Proteobacteria order Rhodospirillales were 

also enriched. In addition, there was more Methanomicrobia from the Archaea domain present in 

PB Day 230 samples than in any of the other preservation method. Frozen Day 14 samples had 

more Ruminococcaceae UCG-010 present, while Frozen Day 230 samples were differentially 

abundant in the phyla Bacteroidetes, Firmicutes, Fibrobacteres, and Tenericutes. Mollicutes were 

especially abundant compared to other Tenericutes classes. Frozen Day 230 samples also had 

abundant levels of Peptococcaceae and Anaeroplasma when compared to other preservation 

methods and time points.  

 

Alpha diversity  

Kruskal-Wallis H tests revealed several significant differences in species richness, 

Shannon diversity, and Simpson diversity indices between the three preservation methods and 

two time points. Pairwise comparisons using the Wilcoxon rank sum test with continuity 

correction showed that of the species richness estimates, only Ethanol Day 14 samples were 

significantly different from Frozen Day 14 and PB Day 14 samples (p=0.011 for both). Wilcoxon 

comparisons detected similar patterns across Shannon and Simpson’s diversity indices (Tables 6 

& 7). Namely, Ethanol Day 14 samples differed significantly from Frozen Day 14 and PB Day 

14 samples (p<0.001); and Ethanol Day 230 samples differed from all 5 other treatments and 

timepoints (p<0.05). Notably, observed bacterial community profiles remained consistent (i.e., 

statistically similar) between frozen and PB preservation methods across both time points (Fig. 

14).  
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Beta diversity 

Multidimensional scaling (MDS) plots revealed distinct clusters driven by the six 

preservation methods, though there was overlap among treatments (Fig. 15). Frozen and PB 

samples had the most similar bacterial community structure, though frozen samples from both 

time points yielded the least variable and most consistent clusters compared to all other methods. 

PB samples performed similarly to freezing, with the exception of three outlying values. Ethanol 

samples were highly variable, with large, indistinct clusters. Day 230 Ethanol samples shared 

overlap almost exclusively with Day 14 Ethanol samples and differed the most from the other 

treatments; for example, these samples shared no overlap with frozen samples at either time 

point or with Day 230 PB samples and showed minimal overlap with the Day 14 PB samples. 

Pairwise comparisons of beta diversity using PERMANOVAs on the Bray-Curtis 

distance matrix verified several significant differences between preservation methods that were 

visible via MDS plot (Table 8). Bray-Curtis values in Day 14 Ethanol samples were different 

from all but Day 230 Frozen samples (p<0.05), and Day 230 Ethanol samples were different 

from all other preservation methods. Day 14 Frozen samples were different from all other non-

frozen preservation methods. There were no differences in community composition between 

either Frozen or PB samples at either time point. 

 

5.4 Discussion 

Proper sample preservation for microbiome studies is of the utmost importance for 

producing accurate and reproducible results. Freezing at -80°C has long been touted as the gold 

standard method for sample preservation due to its ability to halt biological function without 

damage to genomic material. However, freezing at -80°C has logistical limitations, especially for 
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field research, whether it be in situ fieldwork abroad or sample collection at home (Song et al., 

2016). One objective of this study was to determine whether 95% ethanol or the novel PB 

storage method is better suited for longitudinal storage of herbivore gut microbiome samples at 

ambient temperature, for periods of 14 days and 230 days. Our results indicate that PB provides 

preservation similar to freezing at -80°C, even when storage exceeds manufacturer 

recommendations by an order of magnitude (i.e., 230 days versus the 60-day recommended 

maximum). 

The most abundant phyla detected across all preservation methods were Firmicutes 

(average relative abundance 56%), Bacteroidetes (20%), Spirochetes (9%), and Fibrobacteres 

(8%), which is in line with several other studies of Rhinocerotidae microbiome (Bian et al., 

2013; Williams et al., 2019; Roth et al., 2019). Actinobacteria have also been found in rhinoceros 

before, though neither Kiritimatiellaeota (found here at 2% relative abundance) nor 

Lentisphaerae (1% relative abundance) have previously been noted in this host family. Both of 

the latter taxa have been previously identified in the Equus genus, however, and horses are the 

domestic animal model for rhinoceros digestion and nutrition (Bull et al., 2021; Gao et al., 2020). 

Kiritimatiellaeota has also been identified in other hind-gut fermenters including tapirs and 

geladas (Yanez-Montalvo et al., 2021; Baniel et al., 2021).  

Samples preserved via each method had differentially enriched taxa including those 

subjected to immediate freezing at -80°C. Frozen samples do not escape changes in composition 

levels over time, and generally contain higher ratios of Bacteroidetes compared to non-frozen 

samples; this discrepancy is thought to arise due to alterations in cellular structure that gram-

positive bacteria experience when frozen (Fouhy et al., 2015; Bahl & Licht, 2012).  Our results 

contradict this trend: Day 230 Frozen samples did indeed have higher abundances of the gram-
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negative phyla Bacteroidetes and Fibrobacteres; but they also contained an abundance of the 

majority gram-positive phylum Firmicutes and the unique phylum Tenericutes, which lack a cell 

wall entirely and whose members are thought to have developed from gram-positive bacteria 

through regressive evolution (Bové, 1993). All 4 phyla received LDA (log 10) scores above 3, 

which is hypothesized to be the lower limit for biological relevance (Saito et al., 2019).  

The most promising outcome of this study was the performance of PB samples over time. 

PB manufacturer instructions state that samples have a shelf-life limited to 60 days at ambient 

temperatures between -20°C to 50°C (PB-200 Data Sheet) – a length of time that already made 

PB very promising for field studies. However, even after 230 days of storage, PB samples still 

yielded microbial profiles comparable to samples frozen at -80°C, as measured by both alpha and 

beta diversity indices. While there were significant differences in beta diversity between PB and 

frozen samples at Day 14, these differences became insignificant by day 230 of storage (Table 

8).  

Methanomicrobia (Archaea) were enriched in PB Day 230 samples. Archaea have been 

previously isolated in rhinoceros, and methanogens are thought to play a crucial role in 

fermentation of fibrous herbivorous diets common in rhinoceros and other hind-gut fermenters 

(Luo et al., 2013; Moissl-Eichinger et al., 2018). Archaea have proven difficult to cultivate in 

laboratories, so the development of molecular sequencing methods such as 16S rRNA 

sequencing has led to increased understanding of their role in microbiome ecology (Moissl-

Eichinger et al., 2018). The storage solution within PB devices is proprietary and thus we cannot 

begin to speculate what specific preservative ingredients led to compositional differences over 

time, nor those differences which occur between PB and other preservation methods. However, 

PB is a derivative of the OMNIgene.GUT product (DNA Genotek), which was produced and 
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formulated to optimize home-based human fecal sample collection for gut microbial profile 

analysis. OMNIgene.GUT has been shown in previous studies to perform similarly to -80°C 

controls and technical replicates when compared against a variety of other preservation methods 

(Choo et al., 2015; Song et al., 2016). 

The use of 95% ethanol as a preservative has been common for long term storage of 

many biological materials from months to years, though a previous microbiome study has only 

validated its usage for preserving community composition in human and dog fecal samples up to 

56 days (Song et al., 2016). This longitudinal storage capability was limited based on our results, 

as the ethanol samples (n=6) stored for 230 days underwent significant decreases in species 

richness, Shannon diversity, and Simpson’s diversity. Interestingly, ethanol samples stored for 

only 14 days were consistently significantly different from frozen at -80°C controls, as measured 

by both alpha and beta diversity indices. These differences were driven by differentially 

abundant taxa, specifically Actinobacteria, which was enriched at both time points. 

Actinobacteria have been previously shown to undergo ethanol-induced expansions in mice and 

are likely tolerant of high-alcohol environments (Bull-Otterson et al., 2013); thus, Actinobacteria 

may not be deleteriously affected by long term ethanol storage the way other microbial taxa 

would be. Actinobacteria are also resilient to another preservation method, fecal occult blood test 

(FOBT) cards, which utilize alpha guaiaconic acid paper (Moossavi et al., 2019). A separate 

issue with the use of 95% ethanol as a fecal preservation method was the consistently low DNA 

yields from DNA extraction, a challenge which has been documented widely in the literature 

(e.g., Vlčková et al., 2012; Hale et al., 2015; Song et al., 2016). This setback required additional 

time and funds to extract samples in duplicate, whereas frozen and PB samples consistently 

yielded ample, high-quality DNA. 
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Limitations of this study include a small sample size, especially for Day 230 samples 

which were a subset population (n=18). In addition, there were modifications in sample 

processing for ethanol samples at the start versus the end of the DNA extraction period, though 

early statistical comparisons revealed significant differences between 95% ethanol and other Day 

14 preservation methods before these modifications were made. The volume of fecal material 

was not standardized across the different preservation methods due to sample collection 

constraints, so we cannot unequivocally state that DNA yields for one method differed 

significantly from another (although this trend was apparent in practice). Lastly, we realize there 

may be variation stemming from different sequencing run dates for samples collected in July 

through September of 2020 and those collected in January through March of 2021; by using the 

same laboratory, procedure, and technicians to process these samples, we kept that variation as 

limited as possible. Future studies should further evaluate the performance of PB preservation 

methods across different parameters including the upper limit of physical material that can be 

preserved using the proprietary solution without overwhelming it.  

 

5.5 Conclusions 

Of the preservation methods utilized in this study, PB tubes performed most similarly to 

those frozen immediately at -80°C. Observed bacterial community profiles remained consistent 

(i.e., statistically similar) between frozen and PB preservation methods across both time points.  

This study also provides the first evaluation of 95% ethanol and PB preservation performance 

over 230 days. PB devices showed a remarkable consistency in sample stability and preservation 

of microbial community composition over time at ambient temperatures, even beyond that of the 

manufacturer storage period recommendations. PB tubes also yielded microbial community 
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profiles similar to those observed for the gold standard of freezing at -80°C, with only limited 

differences in beta diversity. The usage of 95% ethanol, previously validated for use in 

microbiome studies, did not hold up during short (14 days) nor long term storage (230 days) at 

ambient temperature. Our results indicate that ethanol may not provide optimal storage for fecal 

samples from herbivorous species with complex gastrointestinal tracts, as most studies 

evaluating the efficacy of ethanol as a microbiome preservation method used either dog or 

human host subjects. By contrast, PB devices provide a viable solution to the challenges 

associated with microbiome fieldwork, though they may be cost prohibitive compared to 

previously published methods.  
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Figure 12. (A) Phylum- and (B) genus-level bar charts representing microbial community 
composition across fecal samples from n=10 North Carolina Zoo southern white rhinoceros 

(Ceratotherium simum simum) preserved via freezing at -80°C, 95% ethanol, and 
PERFORMAbiome™•GUT (PB) at Day 14 and Day 23
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Figure 13. Linear discriminant analysis Effect Size (LEfSe) cladogram and plot of LDA 
scores comparing significantly and differentially enriched major taxa (i.e., present at >1% 

relative abundance) in fecal samples from n=10 North Carolina Zoo southern white 
rhinoceros (Ceratotherium simum simum) preserved via freezing at -80°C, 95% ethanol, or 

PERFORMAbiome™•GUT (PB) at (A) Day 14 and (B) Day 230. An LDA score of 3 or 

higher is considered biologically relevant
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C) 

Figure 14. Boxplots comparing alpha diversity as measured by (A) species richness, (B) 
Shannon diversity, and (C) Simpson’s diversity indices across freezing at -80°C, ethanol, 
and PERFORMAbiome™•GUT (PB) preservation methods at Day 14 and Day 230 for 
n=10 North Carolina Zoo southern white rhinoceros (Ceratotherium simum simum). Error 

bars represent SEM.  

 



   

120 

 

A) 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
B) 

 
 

 

Figure 15. Multidimensional Scaling (MDS) Plots comparing (A) freezing at -80°C, ethanol, 
and PERFORMAbiome™•GUT (PB) preservation methods at Day 14 and (B) Day 14 
versus Day 230 across all three preservation methods for n=10 North Carolina Zoo 
southern white rhinoceros (Ceratotherium simum simum). Each point represents one fecal 

sample from one of n=10 southern white rhinoceros, preserved using one of six preservation 

methods.  
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Table 6. Pairwise comparisons of Shannon Diversity in fecal samples from n=10 North 
Carolina Zoo southern white rhinoceros (Ceratotherium simum simum) stored via freezing 
at -80°C, 95% ethanol, and PERFORMAbiome™•GUT (PB) at Day 14 and 
Day 230 using Wilcoxon rank sum exact test. 

 Frozen 
Day 14 

Ethanol 
Day 14 

PB Day 14 Frozen 
Day 230 

Ethanol 
Day 230 

PB Day 
230 

Ethanol 
Day 14 

0.0003*** - - - - - 

PB Day 14 
1 0.0010*** - - - - 

Frozen 
Day 230 

1 0.2759 1 - - - 

Ethanol 
Day 230 

0.0011** 0.0026** 3.7e-06*** 0.0324* - - 

PB Day 
230 

1 0.0986 1 1 0.0325* - 

Significance codes: ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05  
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Table 7. Pairwise comparisons of Simpson’s Diversity in fecal samples from n=10 North 
Carolina Zoo southern white rhinoceros (Ceratotherium simum simum) stored via freezing 
at -80°C, 95% ethanol, and PERFORMAbiome™•GUT (PB) at Day 14 and Day 230 using 
Wilcoxon rank sum exact test. 

 Frozen 
Day 14 

Ethanol 
Day 14 

PB Day 14 Frozen 
Day 230 

Ethanol 
Day 230 

PB Day 
230 

Ethanol 
Day 14 

7.2e-05*** - - - - - 

PB Day 14 
1 0.0005*** - - - - 

Frozen 
Day 230 

1 0.0696 1 - - - 

Ethanol 
Day 230 

0.0027** 0.0481* 0.0003*** 0.0325* - - 

PB Day 
230 

1 0.0183* 0.6182 1 0.0325* - 

Significance codes: ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05  
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Table 8. PERMANOVA statistical comparisons of Bray-Curtis dissimilarity in microbial 
community composition across fecal samples from n=10 North Carolina Zoo southern 
white rhinoceros (Ceratotherium simum simum) stored via freezing at -80°C, 95% ethanol, 
and PERFORMAbiome™•GUT (PB) for 14 and 230 days. 

 

Frozen  
Day 14 

Ethanol Day 
14 

PB  
Day 14 

Frozen Day 
230 

Ethanol Day 
230 

Ethanol Day 14 
0.003** - - - - 

PB Day 14 

0.003** 0.003** - - - 

Frozen Day 230 
0.1875 0.0941 0.0958 - - 

Ethanol Day 
230 0.003** 0.003** 0.003** 0.0094** - 

PB Day 230 
0.0167* 0.024* 0.0958 0.579 0.0064** 

Significance codes: ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05  
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Table S1. Taxonomic abundance of phyla across individuals 
Phylum F1 F2 F3 F4 G1 J1 J2 M1 S1 S2 Average 

Abundance 
Acidobacteria 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 

Actinobacteria 0.009 0.007 0.013 0.008 0.007 0.009 0.009 0.008 0.010 0.009 0.009 

Ambiguous taxa 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 

Bacteroidetes 0.206 0.227 0.191 0.213 0.205 0.212 0.203 0.208 0.222 0.210 0.210* 

Chloroflexi 0.005 0.000 0.000 0.000 0.001 0.000 0.000 0.000 0.000 0.000 0.001 

Cyanobacteria 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.001 0.000 0.000 0.000 

Elusimicrobia 0.003 0.002 0.002 0.003 0.004 0.002 0.001 0.001 0.002 0.002 0.002 

Epsilonbacteraeota 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 

Euryarchaeota 0.004 0.006 0.006 0.004 0.011 0.006 0.005 0.005 0.006 0.006 0.006 

Fibrobacteres 0.100 0.077 0.096 0.069 0.035 0.104 0.112 0.079 0.053 0.078 0.080* 

Firmicutes 0.523 0.525 0.541 0.538 0.617 0.519 0.529 0.551 0.558 0.549 0.545* 

Fusobacteria 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 0.000 

Kiritimatiellaeota 0.018 0.017 0.011 0.022 0.013 0.023 0.020 0.026 0.028 0.022 0.020* 

Lentisphaerae 0.013 0.012 0.011 0.008 0.012 0.016 0.012 0.012 0.010 0.011 0.012* 

Patescibacteria 0.005 0.004 0.006 0.005 0.005 0.003 0.002 0.005 0.003 0.003 0.004 
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Table S1 (Continued). 
Planctomycetes 0.002 0.004 0.003 0.004 0.002 0.002 0.005 0.005 0.005 0.005 0.004 

Proteobacteria 0.003 0.001 0.001 0.001 0.001 0.001 0.001 0.002 0.001 0.002 0.002 

Spirochaetes 0.106 0.109 0.110 0.117 0.056 0.096 0.097 0.094 0.094 0.100 0.098* 

Synergistetes 0.000 0.001 0.002 0.001 0.002 0.002 0.001 0.000 0.002 0.001 0.001 

Tenericutes 0.001 0.002 0.001 0.001 0.001 0.002 0.001 0.001 0.003 0.002 0.001 

Verrucomicrobia 0.003 0.006 0.004 0.005 0.027 0.003 0.002 0.002 0.003 0.002 0.006 

Top taxa (1%> abundance) are denoted by * 
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Table S2. High, low, and average temperatures (°F) across six sampling months. 
 Temperature (°F) 

Month Hig
h 

Low Average 

July 2020 93 64 79 
August 2020 92 63 77 

September 2020 91 42 68 
January 2021 58 24 39 
February 2021 74 22 41 
March 2021 79 25 54 

Data from: https://www.timeanddate.com/weather/usa/asheboro/historic 
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Figure S1. LEfSe LDA score plot comparing enriched major taxa present at >1% relative 
abundance across individuals. An LDA score of 3 or higher is considered biologically relevant. 


